University of South Carolina

Scholar Commons
Theses and Dissertations

2016

Mechanistic Investigation And Potential
Application Of A Fatty Acid Decarboxylating
Cytochrome P450 Peroxygenase
Chun H. Hsieh
University of South Carolina

Follow this and additional works at: https://scholarcommons.sc.edu/etd
Part of the Chemistry Commons
Recommended Citation
Hsieh, C. H.(2016). Mechanistic Investigation And Potential Application Of A Fatty Acid Decarboxylating Cytochrome P450 Peroxygenase.
(Doctoral dissertation). Retrieved from https://scholarcommons.sc.edu/etd/3849

This Open Access Dissertation is brought to you by Scholar Commons. It has been accepted for inclusion in Theses and Dissertations by an authorized
administrator of Scholar Commons. For more information, please contact dillarda@mailbox.sc.edu.

MECHANISTIC INVESTIGATION AND POTENTIAL APPLICATION OF
A FATTY ACID DECARBOXYLATING CYTOCHROME P450 PEROXYGENASE

by
Chun H. Hsieh
Bachelor of Science
East Carolina University, 2009
Bachelor of Arts
East Carolina University, 2009
Master of Science
East Carolina University, 2012

Submitted in Partial Fulfillment of the Requirements
For the Degree of Doctor of Philosophy in
Chemistry
College of Arts and Sciences
University of South Carolina
2016
Accepted by:
Thomas M. Makris, Major Professor
John L. Ferry, Committee Member
Hui Wang, Committee Member
Melissa A. Moss, Committee Member
Paul Allen Miller, Vice Provost and Interim Dean of Graduate Studies

© Copyright by Chun H. Hsieh, 2016
All Rights Reserved.

ii

DEDICATION
This dissertation is dedicated to my beloved step grandfather (羅世安) who
passed away from Alzheimer’s disease complications a couple hours before I received
my acceptance letter to University of South Carolina.

iii

ACKNOWLEDGEMENTS
I would like to express my great appreciation to my mentor Dr. Thomas M.
Makris, who gave me the opportunity of doing my doctorate in his research group, and
for his invaluable encouragement and guidance. Without his enthusiasm, dedication, and
patience, I could not have completed my research projects and my dissertation in a timely
manner. I want to extend special thanks to my committee members Dr. John L. Ferry, Dr.
Hui Wang, and Dr. Mellissa A. Moss for their valuable time, assistance, and advice. I
want to give my gratitude to the graduate members of our research group, Steven C.
Ratigan, Job L. Grant, Jose A. Amaya, and Courtney E. Wise for their technical
assistance and support. My thanks are extended to Dr. Michael D. Wall and Dr. William
E. Cotham from the Mass Spectrometer Center at U. of S.C. for their technical assistance.
Last but not least, my greatest appreciation is reserved for my parents Mr. Andy Hsieh
and Mrs. Chin Mei Liao, my sister Annie Hsieh, and my aunts Mrs. Lichen Lo and Mrs.
Ting Hsieh. Their infinite love, support, positive attitude and encouragement have helped
me to be a successful person in life.

iv

ABSTRACT
OleT (CYP152L1) is a recently discovered cytochrome P450 that is structurally
similar to peroxide dependent P450s that catalyze fatty acid hydroxylations. OleT has
been shown to catalyze the cleavage of n chain length fatty acids to form n-1 alkenes
through C-C bond scission of the terminal carboxylate. Using headspace GC-MS and
FTIR with isotopically labeled substrates, we have confirmed that OleT metabolizes
eicosanoic acid to 1-nonadecene, forming carbon dioxide (CO2) as a co-product of the
reaction. No oxygen deriving from peroxide is observed in either product. In order to
probe the mechanistic deviation of OleT from P450 peroxygenases, we have employed a
“decoy” approach where a short chain length fatty acid provides the acidic group
necessary for peroxide heterolysis, and also allows access of small molecule probe
substrates. Using this approach, we confirm that OleT also catalyzes epoxidation and
hydroxylation reactions. Products derived from the metabolism of radical clock substrates
directly show that OleT is capable of efficient oxygen rebound with radical lifetimes that
are similar to other P450 monooxygenases. A site-directed mutant, in which the acidic
group is instead provided by the protein framework, circumvents the need for a substrate
carboxylate, and shows efficient metabolism of a wide range of hydrocarbon substrates.
In addition, we described efforts to leverage OleT for electron driven hydrocarbon
production, replacing H2O2 with a non-conventional redox partner or a Ru(II)
photosensitizer covalently attached to a non-native surface cysteine.Last but not least, the
development of a general and facile colorimetric optical assay for the detection of
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carbondioxide (CO2) generated from enzymatic reactions is described. The assay utilize
the use of natural abundant of carbonic anhydrases, and a readily available pH indicator
(ex. bromothymol blue) for the monitoring of pH changes induced by the release of CO2
using a standard UV-vis spectrophotometer. This optical method can accurately and
reliably quantify CO2 produced from two entirely different class of enzymes: αketoglutarate-dependent dioxygenases and cytochrome P450 OleT decarboxylases
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CHAPTER 1
APPLICATION OF METALLOPROTEINS FOR THE GENERATION OF
RENEWABLE AND SUSTAINABLE BIOENERGY
1.1

Introduction
Biofuel is a type of energy that is of increasing interest as an alternative to

petrochemicals because it may offer long-term solutions for the sustainable generation of
fuels and reduce the overall carbon footprint.1-5 They are either produced directly from
living organisms (prokaryotic or eukaryotic) or extracted from agriculture feedstocks,
such as corn, potatoes, and sugar cane. Biofuels may be used for different applications in
energy conversion including road transportation, electricity generation, or aviation.6-10
The first generation of biofuels is derived from human-consumable food crops
such as corn (starch), sugar cane (sugar), or vegetable oil to generate biodiesel from
transesterification processes, biogas from organic digestion, or bio-alcohols from
fermentation. The use of biofuel increased during the 1973 oil crisis caused by oil export
embargo by the Organization of Arab Petroleum Exporting Countries (OAPEC), Iranian
Revolution in 1979, and Gulf War in 1990.11,12
Biofuels generated from food crops that are not human consumable constitute the
second generation of biofuels. Recently, a third generation of biofuels has been
developed that is derived from naturally abundant algae, which can be produced in large
quantity and economically.13-15
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Ethanol and biodiesel are currently considered as two of the most promising
“drop-in compatible” fuels and dominate the global market.16-18 Both types of fuel may
be able to be produced using biosynthetic approaches in which complex metabolic
pathways are introduced into recombinantly engineered hosts (ex. bacteria).19-22 As a
result, the pathways for hydrocarbon production (alkenes and alkenes) that closely
resemble those found in liquid transportation fuels, has attracted significant attention in
recent years. Such a process would not only be scalable and cost-effective but also be
considered as ‘green’ chemistry.2,23-25 Although this thesis largely focuses on the OleT
P450 family of alkene producing enzymes, useful chemical analogies are derived from
examination of other known pathways for hydrocarbon production, largely catalyzed by
iron containing enzymes.

1.2

Alkene Production by Mononuclear Fe2+ dependent enzymes
Zhang and co-workers discovered a new family of terminal olefin producing

mononuclear enzymes in 2014.26 1-undecene is a medium chain 1-alkene (MCAE) with
an optimal size that is compatible with drop-in fuels. It is also a biomarker of
Pseudomonas aeruginosa, a major human pathogen.27-30
Interestingly, not all Pseudomonas species produce 1-undecene as one of their
metabolites,27 which led to the discovery of a single well-conserved gene (UndA) in all
Pseudomonas species, and believed to be responsible for the biosynthesis of semi-volatile
1-undecene metabolites via comparative genomics approach.31 Upon the identification of
UndA gene, the gene was successfully cloned and heterologously expressed in E. coli.
Moreover, the enzyme was identified to be a cytosolic, oxygen-activating, nonheme iron-
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dependent enzyme with a size of ~261 amino acids. The decarboxylating activity was
screened against a series of different cofactors (Fe2+, Fe3+, Mg2+, Ca2+, Mn2+, Co2+, Ni2+,
Cu2+, and Zn2+), and the production of 1-undecene from lauric acid (LA) was the highest
in the presence of Fe2+.
The authors noted that enzyme aging was observed after only one turnover;
possibly caused by electron imbalance, where two electrons are donated by one molecule
of LA and four reducing equivalent are required to reduce one molecule of O2 to water.26
This was further examined by the reconstitution of Fe2+, resulting in ~80% of enzyme
activity that was recovered. A series of commonly used co-substrates for iron-dependent
oxygenases such as ascorbic acid, glutathione, cysteine, DTT, alpha-ketoglutarate, DTT,
Tris(2-carboxyethyl)phosphine, nicotinamides, H2O2, flavins, ferredoxin, PMS/NADH,
and PQQ/cysteine were screened. However, none of these generated more than 1 molar
equivalent of 1-undecene with UndA.32-35
Li and coworkers solved the protein structure of UndA in the holo (PDB: 4WWJ)
and substrate-bound forms (PDB: 4WWZ and 4WX0).

These suggested that the

enzymatic transformation of lauric acid to 1-undecene was carried out through a novel
catalytic mechanism (Figure 1.1). They believed the binding steps are similar to other
nonheme iron enzymes.33,35-38 The substrate first binds to the ferrous iron of UndA
followed by the binding of O2 generating a Fe(III)-superoxide intermediate that is capable
of abstracting a hydrogen atom at the Cβ position of LA. The resulting highly unstable
Fe(IV)=O species is reduced back to the ferrous state in the presence of a reducing cosubstrates. The in vitro assay of UndA with [α,α-D2] LA led to the production of 1-
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undecene retaining both deuterium atoms, consistent with a mechanism involving
abstraction occurred at Cβ position.

1.3

Non-heme diiron enzymes
Cyanobacterial aldehyde decarbonylase (cADO) was the first family of non-heme

diiron enzymes catalyzing alkane production, discovered in 2010 by Schirmer and
coworkers.31 cADO is an enzyme that catalyzes the hydrolysis of aliphatic aldehydes (RCHO) to alkanes (R-H) and formates.39 A total of eleven different strains of
cyanobacteria were investigated in order to evaluate the total production of alkanes.
Surprisingly, one of the strains, Synechococcus sp. PCC7002 did not produce any
alkanes, which suggested that the alkane biosynthetic pathway may not be included in the
gene clusters. Using a combination of different comparative biochemical and subtractive
genomic methods, a single gene responsible for the production of alkanes was identified.
This gene was successfully heterologous expressed in E. coli.
There are a total of three classes of ADOs which differ in terms of overall
structure and co-factors. These include the membrane-bound cytochrome P450 CYP4G1
found in insects which produce alkane through a mechanism in which the aldehyde
carbon is converted to CO2.40,41 A second family of membrane-bound iron-dependent
enzymes found in plants and algae produces alkanes and the aldehyde carbon is
converted to CO.42-44 Finally, a third class which includes cyanobacterial aldehyde
decarbonylase (cADO) has a dinuclear iron active-site similar to O2 activating methane
monooxygenase (MMO), ribonucleotide reductase (RNR), and ferritin.31,45-49
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The production of alkanes by cADO is unprecedented for O2 activating diiron
enzymes (Figure 1.2), and the reaction mechanism that promote the hydrolysis reaction
are not fully understood.50 Li and co-workers have demonstrated a that dioxygen is
strictly required for the aldehyde cleavage by ADO and in
18

18

O2 tracer experiments that

O is incorporated into a formate product. Their experimental findings suggested a

nucleophilic metal-bound peroxide species can be generated in the presence of O2 and
reduced cofactor, followed by a radical scission of the C-C bond of the aldehyde.50,51
Ultimately, the complete of reduction of O2 requires a total of four electrons,
necessitating an exogenous reductant to finalize the reaction.
A second family of non-heme diiron enzymes was discovered in 2015 by Zhang
and coworkers.52 They observed a significant amount of 1-undecene being produced in
one of the LA feeding experiments in Pseudomonas species that does not contain a UndA
gene, so they hypothesized that there could be an alternative biosynthetic pathway for 1undecene production in certain Pseudomonas species. A single gene (UndB) was
identified from trials of heterologous expression and production of 1-undecene in E. coli.
Based on sequence homology analysis, this enzyme belongs to a membrane-bound
dinuclear iron containing desaturase family that can convert medium chain fatty acids
(10-16 carbons) to the corresponding terminal alkene products. This would involve the
removal of two hydrogen atoms from a fatty acid and introduction of a double bond
(Figure 1.3).
Protein structural analysis also predicted that UndB contains four transmembrane
domains and three histidine boxes that include the ligands for a di-iron cluster at the
catalytic site of the enzyme.52 Enzymatic catalysis of UndB with isotopically labeled fatty
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acid substrates suggested that the LA substrate likely activated through beta hydrogen
abstraction, similar to UndA. It is notable in this regard that the active intermediate that
performs hydrogen abstraction in the dinuclear enzyme methane monooxygenase
(MMO)) is a high-valent bis -Fe4+ oxo intermediate referred to as Compound Q.

1.4

Cytochrome P450 enzymes
Cytochrome P450 enzymes are metalloproteins found in all organisms including

bacteria (except Escherichia coli), fungi, plants, insects, and mammals.53-55 Their
functional role is typically the elimination of xenobiotics such as drugs and toxins,
although many family members also have a role in key biosynthetic pathways such as
hormone biosynthesis. P450 enzymes are defined by the presence of an iron
protoporphyrin IX (heme) cofactor which is embedded in the protein scaffold and ligated
with a cysteine residue as an anionic thiolate ligand. As a result of this unique ligation of
the heme iron (relative to histidine ligated globins), the binding of carbon monoxide to
the reduced ferrous heme iron results in a characteristic absorption maximum (Soret
band) at 445 nm.56,57
Although P450s are known to catalyze a plethora of oxidation reactions, the most
common is a hydroxylation reaction, involving the insertion of an oxygen atom that
derives from atmospheric dioxygen (O2) into an inert hydrocarbon C-H, often with high
regio- and stereo- selectivity. The overall reaction scheme can be expressed as the
following:
RH + NAD(P)H + O2 + H+  ROH + NAD(P)+ + H2O
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where RH is the site an oxygen atom is being inserted, and the second oxygen atom is
reduced to water. The reaction involves the consumption of reduced pyridine nucleotide
(NAD(P)H) and sequential electron transfer steps that mediated by associated redox
partners.58-60 Figure 1.1 shows the overall catalytic cycle of a typical monooxygenase
reaction cycle of a cytochrome P450. Briefly, this involves the binding of substrate,
reduction of the iron to the ferrous form, followed by O2 binding to form a ferricsuperoxide intermediate that is closely analogous to those formed by globin enzymes.
Further reduction then forms a ferric (hydro)peroxide adduct, followed by O-O
heterolysis to form the high-valent iron(IV)-oxo pi-cation radical intermediate that is
commonly referred to as Compound I. Substrate hydrogen atom abstraction and ensuing
radical recombination of an ●OH in a process described by Groves as oxygen rebound
results in generation of the product alcohol.
Qiu and co-workers discovered a new insect cytochrome P450 enzyme (CYP4G1
from Drosophila Oenocytes, ~60 kDa) in 2012, a reaction that is highly differentiable
from monooxygenation. CYP4G1 enzymes are members of an insect-specific P450
family that are well-distributed in Insecta. Insects use hydrocarbon as waterproofing
agents and as contact pheromones.40 CYP4G1 is an aldehyde oxidative decarbonylase
(ADO) that catalyzes the reaction of converting fatty aldehydes to alkanes and carbon
dioxide products, compatible with drop-in biofuels. CYP4G1 utilize an NADPHcytochrome P450 reductase to deliver the required electrons for catalysis. Cuticular
hydrocarbons are comprised a combination of different and long (Cn ≥ 30) chain length
alkanes and alkenes that can serve as a sex pheromone. Gene knockout experiments
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(deletion of the CYP4G1 gene, or the reductase gene) resulted in a deficiency in the
productions of cuticular hydrocarbons in flies, verifying the functional role.40
Figure 1.1 shows the overall catalytic cycle of a typical monooxygenase reaction
cycle of a cytochrome P450, encompassing studies that span several decades of research.
Briefly, the binding of substrate results in displacement of the axial water ligand, often
associated with an increase in the heme iron redox potential. This shift in the redox
potential can enable the efficient electron transfer from a redox partner (a protein or a cosubstrate) to initiate the process. The ferrous, substrate bound enzyme binds oxygen to
form a ferric-superoxide intermediate that is closely analogous to those formed by globin
enzymes. Further reduction then forms a ferric (hydro)peroxide adduct,61 followed by OO heterolysis to form the high-valent iron(IV)-oxo pi-cation radical intermediate that is
commonly referred to as Compound I.57,59 Substrate hydrogen atom abstraction and
ensuing radical recombination of an ●OH in a process described by Groves as oxygen
rebound results in generation of the product alcohol.62-64 An alternative approach for
generating the active Fe(IV) oxo species is through the peroxide shunt pathway, using
meta-chloroperoxybenzoic acid (mCPBA) or H2O2 as an oxidant

65-68

However, a major

problem in using such oxidant with P450 enzymes for multiple turnover reactions is that
after formation of porphyrin radical cation Fe(IV) species, heme destruction reactions can
result.
Rude and co-workers recently discovered a new bacterial cytochrome P450
enzyme termed OleT (also referred to as CYP152L1) from Jeotgalicoccus sp. 8456 OleT
~50 kDa) in 2011. OleT is an enzyme that is capable of decarboxylating Cn chain length
fatty acids and forming its corresponded terminal Cn-1 alkene products using H2O2 as a
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native oxidant.

This catalytic mechanism differentiates OleT from fatty acid

hydroxylases which result in formation of alcohol products.69 The work has attracted
interest as a one-step process for the conversion of naturally abundant biomass to biofuels
that are drop-in compatible, or as a precursor for the synthesis of commodity chemicals.
In this thesis, the successfully isolation and identification of the porphyrin radical
cation Fe(IV) species involved in OleT catalysis is described in details in Chapter 2, as is
identification of the one carbon co-product. The investigation of oxygen rebound capacity
of OleT using radical clocks is described in Chapter 3. Chapter 4 describes the
development of a self-triggering OleT mutant that can hydroxylate and epoxidize a series
of small hydrocarbons, circumventing the need of a fatty acid substrate to provide the
acidic group for H2O2 heterolysis. Chapter 5 describes the use of a novel flavin reductase
fre or a Ru(II) photosensitizer for electron-driven catalysis of biochemical
transformations. Finally, the development of a simple colorimetric optical assay for the
quantification of carbon dioxide produced by two different families of decarboxylase
enzymes is described in Chapter 6.
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Figure 1.1 Proposed mechanism of decarboxylation reaction catalyzed by UndA. The
molecular oxygen is proposed to be reduced to H2O by an unknown reductant based on
the solved substrate-bound structure (PDB: 4WWZ and 4WX0)
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Figure 1.2 Proposed mechanism of decarbonylation reaction catalyzed by cyanobacterial
aldehyde decarbonylase (cADO)
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Figure 1.3 Proposed mechanism of desaturation reaction catalyzes by UndB for the
biosynthesis of 1-undecene from lauric acids. A single hydrogen atom from the substrate
was most likely extracted from the high-valent iron-oxo species.
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Figure 1.4 The classic catalytic cycle of cytochrome P450 including the substrate
binding step, the first reduction step, oxygen binding step, second reduction steps, oxygen
cleavage step, and product formation and release steps
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CHAPTER 2
DEFINING THE ONE CARBON CO-PRODUCT AND MECHANISM OF
ALKENE FORMATION BY CYTOCHROME P450 OLET
2.1

Preface
This chapter describes the use of analytical techniques, including FTIR, mass

spectrometry, and stopped flow absorption, to define the one carbon co-product released
during the metabolism of eicosanoic acid to nonadecene by the cytochrome P450 OleT.
Parts this chapter were published in Journal of the American Chemical Society in 2015.
Reprinted (adapted) with permission from (DOI: 10.1021/jacs.5b01965). Copyright
(2016) American Chemical Society.

2.2

Introduction
The generation of hydrocarbons from fatty acid metabolites has received intensive

interest for the sustainable production of fuels that are compatible within the existing
energy infrastructure.1,2 Several biosynthetic strategies for alkane and alkene production
have been recently identified.3-6 A common mechanistic feature of many of these
pathways is the cleavage of the terminal carbon from a fatty acid (or aldehyde)7 of chain
length n to produce an n − 1 alkane (or alkene) respectively.Intriguingly, the enzymes
involved in this carbon scission reaction each utilize an iron-containing cofactor,
nonheme mono-5 or dinuclear8,9 iron, or cytochrome P4503,4 that typically activates O2 or
H2O2 for substrate oxygenations.
19

The elucidation of the mechanism of these carbon−carbon scission reactions,
often cryptic, may offer the opportunity for the efficient production of liquid
transportation fuels in a recombinant organism. OleT, a cytochrome P450 from
Jeotgalicoccus sp. ATCC 8456, metabolizes n chain length fatty acids to produce n – 1
alkenes, utilizing hydrogen peroxide (H2O2) as a cosubstrate in the reaction.4
The overall reaction, shown in Figure 2.1, involves the loss of a hydride (from the
fatty acid beta carbon (Cβ)) and production of a one carbon co-product, which has yet to
be identified. Notably, cytochrome P450 enzymes are not typically known to catalyze
hydride abstraction chemistry or decarboxylation reactions. Although a few P450s have
been implicated in the oxidative decarboxylation of substrates,10,11 the reactions are often
the result of the metabolism of nonnative substrates,12 or are non-enzymatically derived.13
The canonical mechanism for the P450 catalyzed monooxygenation of
unactivated hydrocarbons is depicted in Figure 2.1B for comparison. The commonly
accepted reaction coordinate involves abstraction of a substrate hydrogen atom by a
highly reactive iron(IV)-oxo heme π-cation radical intermediate termed Compound I,
recently characterized by Green and colleagues.14 Subsequent recombination with a
substrate radical, in a process termed oxygen rebound,15 produces an alcohol product and
regenerates the ferric resting state of the enzyme.
The recent X-ray crystal structure16 of OleT bound to an eicosanoic acid substrate
has confirmed the remarkable similarity of its active-site and substrate binding mode to
P450 peroxygenases BSβ17 and SPα.18 The commonly accepted reaction coordinate
involves abstraction of a substrate hydrogen atom by a highly reactive iron(IV)-oxo heme
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π-cation radical intermediate termed Compound I, recently characterized by Green and
colleagues.14
Subsequent recombination with a substrate radical, in a process termed oxygen
rebound,15 produces an alcohol product and regenerates the ferric resting state of the
enzyme. BSβ and SPα do not appreciably produce n − 1 olefin products, but instead
primarily hydroxylate fatty acids at the Cα or Cβ position. While providing a rationale for
the ability of the enzyme to efficiently utilize hydrogen peroxide, in which the substrate
carboxylate serves a general acid that is obligatory for the heterolytic cleavage of H2O2,19
it does not immediately clarify the origin of its capacity for C−C scission.

2.3

Results and Discussion
In order to elucidate the divergence of OleT from P450 monooxygenation

chemistry, we have characterized its reaction with eicosanoic acid, a chain length which
approximates that of the native substrate based on identification of the alkenes found in
Jeotgalicoccus.4 Analytical studies have determined that the enzyme generates alkene as
the major reaction product and that the one-carbon coproduct of the reaction is carbon
dioxide. Transient kinetic studies show that the decarboxylation reaction is initiated by
Compound I, mechanistically linking OleT catalysis to other P450 oxidations.
The sub-cloning, heterologous expression, and purification of OleT are described
in the Experimental Section. Previous multiple turnover studies performed in vitro and in
vivo have established that the reaction of OleT with eicosanoic acid and H 2O2 generates
nonadecene.4,16 Having demonstrated that the OleT reaction with eicosanoic acid
produces nonadecene as a major product, we tested for the one-carbon coproduct of the
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reaction. In analogy to other metalloenzymes, including P450s that perform C−C bond
scission, either formate or CO2 might be anticipated.
Fourier transformed infrared spectroscopy (FTIR) is a method that has been
demonstrated as a robust and feasible optical technique for the identification and the
quantification of organic or inorganic molecules with high sensitivity. These attributes
make it an ideal tool for the detection of formate or CO2. Headspace FTIR measurements
were conducted in an N2 purged and sealed reaction vial containing OleT and excess
substrate. The addition of H2O2 resulted in the immediate formation of a doublet at 2340
and 2360 cm−1 (Figure 2.2A, blue trace), deriving from the asymmetric stretch of carbon
dioxide, which was not observed when the enzyme was omitted from the reaction (Figure
2.2A, gray trace).
In order to more directly assign that the CO2 produced derived from the cleavage
of the fatty acid carboxylate, single turnover reactions were performed with an
isotopically labeled substrate in which the terminal carboxylate was

13

C labeled

(CH3(CH2)1813COOH). GC-MS of the headspace from reactions containing the labeled
substrate identified a new signal from

13

CO2 at m/z = 45 in addition to a signal at m/z =

44, originating from environmentally derived

12

CO2 (Figure 2.2C). The intensity of the

13

CO2 signal, ∼25% of the total (environmental and enzymatically generated CO2) was

significantly larger than that predicted for natural isotopic abundance (1.1%).
Significant levels of

13

CO2 were not observed in reactions in which the enzyme

was omitted (Figure 2.2B), or in reactions containing an unlabeled
not shown). The amplitude of the

13

12

CO2 substrate (data

CO2 is unchanged when using H218O2. Taken

together, these results establish that OleT performs an oxidative decarboxylation reaction.
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Oxygen was not inserted into either major reaction product when eicosanoic acid was
used as a substrate. A representative GC chromatogram of CO2 detected from the
enzymatic reaction before and after the addition of H216O2 (Figure 2.2E)
The oxidant responsible for initiating the OleT decarboxylation reaction is
currently unknown. Based upon the fact that the substrate is a fatty acid (rather than
aldehyde), and that CO2 is the reaction coproduct, a mechanism involving nucleophilic
attack by a ferric peroxide intermediate, such as that postulated for P450 deformylation20
and alkane synthesis by aldehyde deformylating oxygenase,9 would seem highly unlikely.
Previously advanced mechanistic proposals for OleT catalysis have speculated
that a Compound I intermediate, if formed, may initiate decarboxylation through
hydrogen abstraction from the fatty acid Cβ position,4 or electron abstraction from the
substrate carboxylate.16 Having established a competent single-turnover system with
protiated and deuterated fatty acid substrates, we tested whether such an intermediate
could be isolated. A 20 μM OleT-perdeuterated eicosanoic acid (E-C20D) ternary
complex was rapidly mixed with excess H2O2 at 5 °C in stopped flow absorption studies.
Within 15 ms, the high-spin E−S complex (λmax at 392 nm) had completely
decayed, and a new intermediate with decreased absorptivity, a blue-shifted Soret
maximum with a Soret maximum of 370 nm, and an additional absorption band at 690
nm, had appeared (Figure 2.3A red trace, and inset). The absorption characteristics of this
species are diagnostic of an iron(IV)-oxo π cation radical intermediate (Compound I) and
are nearly identical to those observed in rapid mixing studies of a thermostable P450(CYP119)14,21 with mCPBA and similarly prepared species in other thiolate-ligated heme
enzymes (ex. Aae-APO, CPO).22,23
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The Compound I intermediate could not be formed when the fatty acid was
omitted from the reaction. Spectral deconvolution procedures, and comparison to other
Compound I species, indicated that this intermediate had accumulated to a high level
(>70%) at 15 ms. Within 1 s, the intermediate completely decayed to a species that is
indistinguishable from the ferric-low spin substrate free form of the enzyme (Figure
2.3A, blue trace). The time course for its decay at 370 nm (Figure 2.3C) required two
summed exponentials for adequate fitting, suggesting a complex decomposition process
that may involve multiple steps.
The faster of these two phases, which comprises ∼90% of the spectral amplitude
at 370 nm, indicates a decay rate of 80 s−1. This decay rate of OleT Compound I (which
we designate hereafter as OleT-I) is invariant to H2O2 concentration, consistent with the
fact that it is formed as a result of O−O heterolysis, an irreversible process. Results from
rapid mixing studies of an E−S complex, prepared with a protiated substrate, and H2O2
are shown in Figure 2.3B for comparison.
Rapid decay of the E−S complex was again observed within 15 ms (red trace).
However, no appreciable accumulation of OleT-I could be detected prior to formation to
the ferric low-spin state, suggesting that its previous stabilization was attributable to a 2H
kinetic isotope effect (KIE). This apparent KIE for OleT-I decay strongly favors a
mechanism in which alkene formation is initiated by hydrogen abstraction, most likely
originating from Cβ, the position from which it is ultimately lost to generate an alkene.
This rules out a previous proposal that the atypical reaction catalyzed by OleT
may be initiated by abstraction of an electron from the fatty acid carboxylate by
Compound I.16 The kinetics studies and observed reaction products in this study support a
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proposed catalytic mechanism for alkene synthesis that is shown in Figure 2.4. The
mechanistic strategy for
carbon−carbon bond scission appears to be identical, in its first steps, to the bulk of P450
oxidation reactions by Compound I.
Based on the widely accepted mechanism for P450 hydroxylation of inert
hydrocarbons, and the demonstrated incapacity of iron-oxo porphyrin π-cation radical
intermediates to perform hydride transfer in model systems,24 OleT-I most likely
abstracts a substrate hydrogen atom. This would result in the formation of a substrate
radical and the Fe (IV)-hydroxide Compound II. The subsequent steps for OleT
decarboxylation necessitate a divergence from the monooxygenation reaction coordinate,
particularly as oxygen rebound is largely abrogated
One logical route for alkene formation could involve single electron transfer, to
Compound II or another oxidant, to produce either an unstable substrate carbocation or a
substrate diradical. Subsequent loss of the CO2 leaving group would generate the n − 1
alkene. Mechanisms involving the generation of substrate carbocations have been
invoked to rationalize the ability for some P450s to catalyze desaturation reactions, 25-27 to
generate cationic rearrangement products,28 including those from radical clock
substrates,29 and to promote C−C bond cleavage during the third step of androgen
formation by P450 aromatase.30
The apparent conservation of decarboxylase and hydroxylase mechanisms hints
toward an elegant adaptation that enables OleT to efficiently sidestep the
monooxygenation reaction coordinate. Does the inability to finalize oxygen rebound stem
from an alteration in OleT-I structure or reactivity? It is perhaps noteworthy in this regard
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that OleT-I (unlike CYP119-I or AaeAPO-I) can be generated in high yields in a reaction
with a prebound deuterated substrate and H2O2, suggesting that it may be more sluggish
in its hydrogen abstraction proficiency than hydroxylating Compound I species.
Unfortunately, this difference in how OleT-I is prepared undermines a pairwise
evaluation of its reactivity to other metal-oxo intermediates, particularly as pseudo-firstorder decay rate constants with exogenously added substrates cannot be determined.
Assuming that the formation rate of OleT-I is insensitive to fatty acid isotopic
substitution, and that no traces of the intermediate can be observed at 10 ms at 690 nm,
we place a lower estimate for its reaction rate with a protiated substrate at k ∼ 300 s−1 ,
and a lower bound for an apparent KIE ≈ 3.
Semiclassical KIE limits (kH/kD ≈ 7) may position the value for its reaction rate
with a protiated substrate higher. In either case, this estimated rate is within the range
projected by Green and colleagues14 for the reaction of CYP119-I and a prebound
substrate with similar bond dissociation energy, suggesting that OleT-I is similarly
reactive. Instead, the capacity for OleT to produce minor aliphatic hydroxylated
products4,31 in reactions with shorter chain length substrates suggests that there may be
additional structural factors that are important in steering the enzyme toward alkene
production. An evaluation of each of these potential contributions is currently under
investigation.

2.4

Conclusion
The highly reactive nature of P450-I has limited direct interrogation of its

chemical reactivity to an extremely small subset of substrates. Here, stopped flow and
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analytical studies provide evidence that such an intermediate is formed and can catalyze a
decarboxylation reaction that does not result from oxygen insertion.

2.5

Experimental Section

2.5.1

Reagents
All buffers used in this study were purchased from Research Products

International. Eicosanoic acid (C20H40O2) was purchased from Sigma. The terminal
alkene standards, 1-nonadecene and 1-hexadecene, were purchased from TCI Chemicals.
13

C labeled eicosanoic acid (CH3(CH2)1813COOH) and perdeuterated eicosanoic acid

(C20D40O2H) were from CDN isotopes.

2.5.2

Cloning and heterologous expression of OleTJE
An Escherichia coli codon-optimized gene for OleT from Jeotgalicoccus sp.

ATCC 8456 (NP_895059) was synthesized by DNA2.0 (Menlo Park, CA). In order to
optimize heterologous overexpression and purification, the gene was amplified by PCR
using the following primers with restriction sites underlined:
5’-CGATGTCATATGGCAACATTAAAAAGAGATAA
5’-CGATGTGAATTCCGTACGGTCAACCACCTC
Following restriction digestion with NdeI and EcoRI, the constructs were ligated into
similarly digested pet21b to produce the C-terminal hexahistidine tagged OleT. The
resulting constructs were verified by sequencing at Engencore (Columbia, SC).
Heterologous expression was performed in Escherichia coli BL21 (DE3)
containing the pG-Tf2 plasmid (Takara), which overexpresses the GroES and GroEL
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chaperones. Cells were grown in Luria broth containing 50 mg/L ampicillin and 20 mg/L
chloramphenicol at 37oC until reaching an OD of 0.4 at 600 nm. The cultures were
subsequently cooled to 20oC and induced at an OD ~1 with 10 μg/L tetracycline (for
chaperone induction), 50 μM IPTG (for OleT induction), and 25 μM δ-aminolevulinic
acid (for heme production). Cells were grown for an additional 15 hours after induction,
harvested by centrifugation, and stored at −70°C until further use.

2.5.3

Purification of OleT
Frozen cells from 12 x 1 L cultures were resuspended in 250 mL of 50 mM

NaH2PO4, 300 mM NaCl, 10 mM imidazole, pH 8.0 (buffer A). Cells were lysed using a
Branson Sonifier and centrifuged at 37,500 g for 45 min. The supernatant was then
loaded by gravity onto a 20 mL nickel nitrilotriacetic acid (NTA) column (GE healthcare)
equilibrated in buffer A. The column was subsequently washed with 200 mL of buffer A
containing 20 mM imidazole, followed by 100 mL of a low salt buffer containing 50 mM
NaH2PO4 pH 8.0 (buffer B).
The protein was eluted with buffer B containing 500 mM imidazole. P450
containing fractions were pooled and loaded by gravity onto a 50 mL DEAE Sepharose
fast flow column (GE Healthcare) equilibrated with buffer B. The column was washed
with 5 column volumes of buffer B containing 100 mM NaCl and eluted using a linear
gradient from 100 to 500 mM NaCl over 10 column volumes.
Fractions containing pure OleT, judged by SDS-PAGE and absorbance ratios
(Abs417/Abs280), were pooled and concentrated to 5-20 mg/mL using Amicon ultra 30
kDa centrifugal filters, flash frozen, and stored at -70oC until further use. Protein
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concentrations were determined using a calculated extinction coefficient ε417 = 110 mM-1
cm-1, as determined by the pyridine hemochromagen method,32 following complete
substrate removal.

2.5.4

Preparation of stoichiometric enzyme-substrate complexes
A ten-fold molar excess of eicosanoic acid (prepared as a 25 mM stock in 30%

Triton X-100, 70% Ethanol) was added to the substrate free enzyme and incubated for
several hours at 4oC. Precipitated fatty acid was removed by centrifugation at 16,000 rpm
for 1 minute in a microcentrifuge. Excess, unbound substrate was removed by desalting
as described above.

2.5.5

Gaseous Product Analysis
Fourier transform infrared spectra were recorded in rubber septum sealed 10 mm.

pathlength Spectrosil quartz cuvettes (Starna). Spectra were obtained using a ThermoNicolet Nexus system model 670 FTIR spectrometer. The FTIR spectrometer was purged
with carbon dioxide free gas for 10 minutes prior to each measurement. A nitrogen
purged reaction mixture (400 μL) containing 100 μM eicosanoic acid and 10 μM OleTJE
were initiated through addition of 150 μM H2O2. Control reactions were identically
prepared without the addition of enzyme.
Measurements were collected in transmission mode using 10 scans per sample at
a resolution of 4 cm-1 in the 2200-2600 cm-1 region. The spectra were baseline corrected
using the automatic baseline correction function in OMNIC software. Headspace gas
chromatography MS experiments were performed on ES complexes 50 μM containing
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either an unlabeled or

13

C terminally isotopically labeled ((CH3(CH2)1813COOH))

eicosanoic substrate in sealed 2mL reaction vials. A 15 fold molar excess of H2O2 was
used to initiate the reaction. After 1 minute, 500 μL of gaseous headspace was introduced
to the GC instrument via purge and trap Hamilton syringe needle. The GC
chromatography was performed on a Hewlett Packard model 5890 GC with an Rtx-Wax
fused silica column (30 m x 0.25 mm I.D., film thickness 0.25 μm) at a constant oven
temperature of 25 °C. The column effluent was fed directly into a Waters VG 705
magnetic sector mass spectrometer and ionized by electron impact at 70 eV.
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Figure 2.1 Comparison of OleT Alkene Production (A) and the accepted mechanism for
the prototypical P450 Hydroxylation Reaction (B)

31

Figure 2.2 Carbon dioxide production by OleT. Headspace FTIR spectra of the reaction
headspace of an OleT multiple turnover reaction with eicosanoic acid and H2O2 (A).
Mass spectra of the reaction headspace of single turnover reactions with a terminally 13C
labeled substrate. A control reaction in which OleT was omitted (B), a reaction
containing OleT + H216O2 (C) and OleT + H218O2 (D), and a representative GC
chromatogram of CO2 detected from the enzymatic reaction before and after the addition
of H216O2 (E).
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Figure 2.3 Reaction of OleT:eicosanoic acid with H2O2. A 20 μM E:S complex prepared
with a perdeuterated substrate (A) or protiated substrate (B) was rapidly mixed with 5
mM H2O2 at 5 °C. (C) Single turnover time course for the decay of Compound I in
reactions with perdeuterated eicosanoic acid. A two summed exponential fit (red) is
shown superimposed on the data.
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Figure 2.4 Proposed Catalytic Cycle for OleT Alkene Formation Based on Identification
of the Carbon Dioxide Coproduct and Stopped-Flow Absorption Spectroscopy
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CHAPTER 3
THE ENIGMATIC P450 DECARBOXYLASE OLET IS CAPABLE OF
OXYGEN REBOUND CHEMISTRY
3.1

Introduction
OleT is a cytochrome P450 (CYP) enzyme that has attracted much attention

because of the unusual chemistry that it catalyzes. Using hydrogen peroxide as a cosubstrate, OleT removes the carboxylate from a long chain length (Cn) fatty acid to
produce a Cn-1 1-alkene1 and carbon dioxide2 as a co-product.

This deoxygenation

reaction is of considerable commercial interest as a potential means to intercept microbial
fatty acid biosynthesis and increase the heating value of drop-in biofuels.3,4 Functionally,
it is a significant departure from the role of most CYPs, which usually insert an oxygen
atom into chemically unreactive substrates, generating a metabolite that is more water
soluble than the parent compound.
X-ray crystallographic studies have shown that OleT is structurally closely related
to P450 peroxygenases that belong to the CYP152 family.5

Typified by the well-

characterized CYPs BSβ and SPα, CYP152 enzymes are widely appreciated to
hydroxylate fatty acids at positions adjacent to the terminal carboxylate, affording alcohol
products with variable regioselectivity.6-10

However, the recent demonstration of

decarboxylation in a second CYP152, termed CYP-MP, suggests that this activity may be
a more widely distributed feature of H2O2 dependent P450 fatty acid hydroxylases.11
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In the OleT metabolism of eicosanoic acid (EA), considered to be the
physiological substrate in vivo1 and which displays high chemoselectivity for alkene
production in vitro, 3,12,13 isotope tracer experiments using terminally 13C labeled EA and
18

O labeled H2O2 demonstrated a complete retention of both substrate carboxylate

oxygens in the CO2 product.2 This, and lack of detectable products intermediary to
alkene formation in single turnover reactions, eliminates possible mechanisms whereby a
cryptic oxygenation may give rise to the atypical metabolite.
Although the OleT C-Cα scission reaction would then appear quite different than
the archetypal P450 monooxygenation, several lines of evidence strongly connect the two
mechanisms. Using a perdeuterated EA substrate to slow the reaction, our laboratory has
shown in transient kinetics studies that nonadecene formation directly involves a
catalytically competent high-valent iron (IV)-oxo pi-cation radical intermediate
(Compound I).2

The optical features of the Ole-I intermediate suggest that it is

electronically similar, if not identical, to thiolate ligated high-valent oxo complexes
observed in transient kinetics studies of other CYPs,14-16 and the structurally dissimilar
heme thiolate fungal peroxygenase AaeAPO,17 all potent hydroxylation catalysts that do
not perform desaturations.
On the basis of the scheme established for aliphatic P450 hydroxylation and a
large substrate 2H kinetic isotope effect for Ole-I decay, we proposed a radical
mechanism whereby OleT Compound I (Ole-I) abstracts a hydrogen atom from the Cβ
position to form a substrate-radical, resulting in formation of the iron (IV)-hydroxide
Compound II (Scheme 1, pathway A). Subsequent one electron oxidation of the substrate
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by Compound II, coupled to recruitment of a proton, would restore the ferric resting state
of the enzyme, result in CO2 elimination, and form the Cα-Cβ double bond.
Similar mechanisms have been invoked to rationalize the ability of some
CYPs,18,19 O2 activating non-heme mono-20 and di-nuclear21-23 iron enzymes, and
synthetic

complexes

which

resemble

monooxygenase

catalysts,24

to

perform

desaturations. Alternatively, hydride abstraction by the iron-oxo (Scheme 1, pathway C),
proposed for some atypical P450 oxidative rearrangements,25 could in principle furnish
the substrate carbocation in a single step. The mechanistic parallels for the initial steps of
decarboxylation and hydroxylation are consistent with the complex product distributions
observed in multiple turnover studies of OleT with shorter, non-native acyl chain length
substrates and CYP-MP, which include alcohols in addition to the Cn-1 alkene (Figure 3.1,
pathway B).3,13
The most compelling evidence for Figure 3.1A, however, is provided by our
recent isolation of the kinetic decay product of Ole-I, which has optical spectroscopic
properties and reactivity consistent with an iron (IV)-hydroxide (Ole-II).26 The sluggish
decay of this intermediate (~10 s-1 at 5oC), which has not been observed in the
hydroxylation reaction coordinates of a CYP, nor in any monooxygenase to date, implies
the intermediacy of an exceptionally stable substrate radical intermediate.
As a result, it is presently unclear whether the diminished capacity for OleT
monooxygenation is attributable to underappreciated electronic changes that promote
alternative Ole-II reactivity, or positional restraints of the substrate imposed by the
protein coupled with possible contributions from the secondary coordination sphere, that
prevent oxygen rebound. In order to gain a better appraisal of these key mechanistic
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questions, we have characterized the reactivity of OleT with short chain fatty acid and
radical clock substrates.
Isotope labeling studies shows the efficient incorporation of oxygen from the
peroxide co-substrate into Cβ alcohols, demonstrating that OleT is a monooxygenation
catalyst that is capable of prototypical P450 oxygen insertion. Analysis of products from
the OleT Compound I metabolism of norcarane and methylcyclopropane probes provides
a direct measure for the efficiency of radical recombination. These studies confirm a
radical mechanism for alkene formation, and allude to a primary role of substrate
positioning for guiding the chemoselectivity of the enzyme.

3.2

Results and Discussion

3.2.1 Binding and Activation of OleT by short chain fatty acids
The fatty acid (FA) carboxylate has been shown to be obligatory for efficient
substrate metabolism by CYP152 enzymes,8 and is necessary for enabling H2O2
heterolysis for the rapid generation of Compound I (Ole-I).12 In order to expand upon the
inventory of substrates that could be probed in reactivity studies of Ole-I, particularly for
the radical clock studies detailed below, we tested whether the binding of medium chain
length (CL) FAs would permit access to the heme-iron and subsequent oxidation of a
secondary molecule. This “decoy” strategy, adapted from pioneering work by Watanabe
and Shoji, has proven highly successful towards engineering BS and SPfor oxidations
of substrates which do not contain a carboxylate27-29
The crystal structure of EA bound OleT shows a pronounced bend of the acyl
chain that originates at the C12 position and is enforced by close contact with several
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bulky hydrophobic amino acid side chains. In order to also gain a better appraisal for the
importance of substrate coordination on reaction partitioning, we focused particular
attention on the binding and metabolism of medium chain length (Cn = 6 - 10) FA
substrates. Using the oxidation of guaiacol to tetraguaiacol as a facile colorimetric probe,
we observed that C6 and particularly C8 and C10 saturated fatty acids, were the most
efficient in activating OleT (Figure 3.8).
The guaiacol oxidation rate considerably improved (approximately five fold)
when using a more inert C10 deuterated fatty acid (Table 3.3). This is consistent with a
mechanism in which both the fatty acid and secondary substrate, guaiacol in this case, are
competitively oxidized by Compound I. Intriguingly, perfluorinated decanoic acid failed
to elicit guaiacol oxidation, most likely owing to an unfavorable alteration of the
carboxylate pKa.
Spectral binding titrations (Figure 3.9A-D) were performed in order to determine
the dissociation constant and efficiency of low- to high-spin conversion with short chain
FAs. The data, summarized in Table 3.1, shows a systematic decrease in both the affinity
and high-spin conversion as the chain length of the FA diminished, consistent with the
general trend previously reported for C12 to C22 saturated substrates by Belcher et al. 5

3.2.2 Products from OleT Metabolism of Decanoic Acid are Consistent with a
Branched Monooxygenase/Decarboxylase Mechanism
We have found that a controlled addition of H2O2 considerably improves the
turnover number of OleT with EA.11 Consistent with previous reports for a surprisingly
efficient O2/NADPH system that led to multiple turnovers of OleT,3 a considerable
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amount of nonene was observed in chromatograms of the reaction headspace when
excess H2O2 was slowly added to sealed reaction mixtures containing OleT and
perdeuterated decanoic acid (D19-DA), (Figure 3.10).
However, as this approach solely detects volatile alkene products, liquid GC/MS
of samples quenched at 4 oC was alternatively used to analyze the organic layer of
extracted reactions and fully interrogate the chemoselectivity of the enzyme. Peaks were
identified on the basis of their retention time and mass spectral fragmentation patterns.
Analysis of the underivatized samples (Figure 3.2A), and comparison to control
reactions, showed the H2O2 dependent depletion of decanoic acid and concomitant
formation of a new peak with a mass spectral fragmentation pattern (ex. molecular ion
peak at m/z = 144) characteristic of D18-nonene.
Chromatograms of the extracted reaction following trimethylsilylation revealed an
additional product at a retention time ~15 minutes. Analysis of this new product by
GC/MS show fragment ions (m/z = 236 and 217), indicative of the derivatized C
alcohol. No other fatty alcohol products were detected. Integration of the nonene and
C-OH decanoate peaks, and comparison to both alkene and silylated fatty acid internal
standards, indicated that the hydroxylated product comprised ~3% of the total product
produced by the enzyme.
Experiments interrogated whether the C alcohol product was specifically
produced as a consequence of oxygen rebound. Paired reactions were conducted using
H216O2 or 95 atom % H218O2 in sealed reactions, quenched, and analyzed by MS. A
comparison of the demethylated [m - 15] fragment ions shows a diagnostic shift from m/z
= 335 to 337, indicating virtually complete 18O incorporation (Figure 3.3).
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3.2.3 OleT Compound I Catalyzed Oxidation of Radical Clock Substrates
The sole observation of C alcohol products produced specifically from radical
recombination, and alkenes, intimates the intermediacy of a C substrate radical
intermediate for both reaction pathways, and that OleT may be efficient of canonical
oxygen rebound chemistry. Radical clock substrates have been widely used for many
decades to probe the reaction mechanisms of C-H oxidizing enzymes including CYPs and
biomimetic model systems.19,30-49
The efficient oxidation of guaiacol using D19-DA served as a template for testing
whether a similar approach could facilitate the oxidation of norcarane (bicyclo[4.1.0]heptane) and methylcyclopropane substrates. In order to directly link the metabolism of
these probe substrates to oxidation by Ole-I, transient kinetic experiments were
performed. Rapid mixing of D19-DA bound OleT with 5 mM H2O2 resulted in formation
of small, but detectable levels of Ole-I within the 2 ms deadtime of the stopped flow
instrument (Figure 3.4A).
The Soret maximum at 370 nm and additional absorption band at 690 nm were
identical to those measured previously using D39-EA.2,26 Over the course of 300 ms, OleI decayed to the low-spin Fe3+-OH2 form of the enzyme. The time course for Ole-I decay
was measured at 370 nm with a photomultiplier tube (PMT), and could be appropriately
fit to a two summed exponential expression (Figure 3.4B, top trace), resulting in an Ole-I
decay rate constant of 25 ± 3 s-1. The reactivity of Ole-I towards D19-DA is comparable
to that measured previously with D39-EA (~ 80 s-1), consistent with the chemical
similarity and largely similar reaction outcome of the two substrates.
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In order to test for the oxidation of a radical clock probe, in a separate experiment,
the D19-decanoic acid bound enzyme was pre-incubated with 1 mM norcarane and
subsequently mixed with excess H2O2. A reduced amplitude for the absorbance change
at 370 nm is indicative of reduced accumulation of Ole-I. As a result, the measured
decay rate constant of Ole-I approached ~ 500 ± 40 s-1 in the presence of norcarane
(Figure 3.4B, bottom trace). Provided that the steps leading to Ole-I formation are
largely insensitive to the presence of small molecules, this provides strong evidence that
the reaction products described below derive from direct oxidation by Compound I.

3.2.4 Product Profiles of Norcarane and Methylphenylcyclopropane oxidations
Steady state turnover experiments were conducted using norcarane, which has a
radical rearrangement rate (krearr) of 2 x 108 s-1, 19 and methylphenylcyclopropane, with a
faster intramolecular radical rearrangement rate of 3 x 1011 s-1, as substrates for OleT. As
for guaiacol oxidations, the observed product yields were highest when using D19-DA.
The product profiles for both substrates are summarized in Table 3.2.
A representative GC chromatogram of the chloroform extracted major reaction
products is shown in Figure 3.5. The peaks were well resolved and easy to analyze based
on MS data and our earlier assignments. The oxidation of norcarane by OleT produced
an informative array of hydroxylation and desaturation products. The major products
were exo- and endo-2-norcaranol, as has been generally observed for other P450 and nonheme iron hydroxylases.
A significant amount of 2-norcarene was also produced although no 3-norcarene
was detected. In addition, the radical rearranged product, 3-hydroxymethylcyclohexene
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and the cation rearranged product, 3-cycloheptenol, were also observed in readily
detectable amounts. This result implies that the incipient substrate radical generated by
Ole-I can be further oxidized via an electron transfer pathway. Notably, significant
amounts of the cation rearranged product from norcarane have been observed for the
fungal heme-thiolate hydroxylase APO,50 while other for other P450 enzymes this
product was absent.
As shown in Figure 3.6, in the P450 catalyzed oxidation of norcarane, after the
initial hydrogen atom abstraction, a caged substrate radical will generally be formed
which will undergo fast oxygen rebound in the ps to ns regime.51 However, the substrate
radical could also be oxidized to cation through a single electron transfer process, leading
to the observation of the cationic rearranged product. The competition of radical and
cationic pathways are well-precedented for other P450-catalyzed oxidations as well as for
the hydroxylation catalyzed by the APO 50 and the diiron oxygenase AlkB.34,41,52
In addition to the cation rearranged product, the desaturation product 2-norcarene
and its hydroxylated derivative, 4-hydroxy-2-norcarene, were also identified (Figure 3.7).
The desaturation product could be obtained from substrate cation through deprotonation
or from a second hydrogen abstraction from C-H bond adjacent to the incipient radical.41

3.3

Conclusion
Collectively, the results from this study directly demonstrate that OleT is able to

carry out efficient hydroxylations in addition to fatty acid decarboxylations.
detection of Cβ fatty alcohols with

18

The

O incorporated from H218O2 is consistent with our
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earlier proposal that both reactions outcomes are initiated by Cβ hydrogen atom
abstraction by Ole-I, supporting a radical mechanism for each.
The proficiency for alkene production with a C10 substrate suggests that
reinforcement of the fatty acid bend is not an obligatory structural requirement for
positioning the substrate in a configuration to minimize oxygen rebound. Despite a low
binding affinity of C10 relative to C20 (greater than 20 fold), sufficient stabilization of the
substrate appears to be provided in order to facilitate the decarboxylation pathway.
The binding and metabolism of C10 also illustrates that high-spin conversion
efficiency provides a poor predictive assessment for alkene production. Although these
correlations seem to hold for the C20 to C14 series with OleT3,13, and possibly for CYPMP,53 the ability of OleT to efficiently generate nonene as the predominant reaction
product from DA illustrate that the substrate is well positioned to prevent OH rebound.
Perhaps most surprising from these studies, however, are that the radical lifetimes
measured for both norcarane and methylcyclopropane probes are largely consistent with
those measured for other CYPs (in the ps regime), and at least six orders of magnitude
shorter than the lifetime of Ole-II observed with EA.
These results intimate that the atypical decarboxylation mechanism of OleT is
likely not attributable to an alteration in Compound I (or II) electronic structure, but
rather a specific structural feature which anchors a fatty acid substrate in a precise
geometry to allow C-H abstraction yet disfavor oxygen rebound. A strict dependence of
substrate geometry on catalytic outcome has been reported for non heme Fe2+ dependent
halogenases (ex. SyrB2), which negotiate the rebound of ●OH or ●Cl after initial C-H
abstraction by a metal-oxo.54,55
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3.4

Experimental Section

3.4.1 Reagents
Chemicals, unless otherwise indicated, were purchased from Sigma Aldrich.
Isopropyl β-D-thiogalactopyranoside and all buffers used in this study were purchased
from Research Products International (Mt. Prospect, IL, USA). Imidazole and Luria broth
were purchased from bioWORLD (Dublin, OH, USA). Isotopically labelled H218O2 was
purchased from ICON Isotopes (Summit, NJ, USA). Deuterated decanoic acid was
purchased from CDN Isotopes (Pointe-Claire, Quebec, Canada). Protiated fatty acids and
BSTFA + TMCS (99:1) were purchased from Supelco (Bellefonte, PA, USA). Radical
clock substrates were synthesized according to published procedures.32,56

3.4.2

Heterologous expression and purification of P450 OleT
Wild-type cytochrome P450 OleT from Jeotgalicoccus sp. ATCC 8456 was

overexpressed and purified as previously described.2

Protein concentrations were

determined following the removal of adventitiously bound fatty acids using an
experimentally measured molar extinction coefficient (ε417 nm = 107 mM-1 cm-1) that was
determined using the pyridine hemochromagen method.57

3.4.3 Guaiacol oxidation studies
The oxidation of guaiacol to the polymerized tetraguaiacol product was used as an
initial probe to determine the optimal chain-length (and isotopic composition) of fatty
acids substrates that permit the efficient activation of OleT and accommodation of small
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molecules in the active site. An 800 µL reaction mixture contained 200 mM KPi (pH
7.5), 200 mM NaCl, 2 µM OleT, 2 mM guaiacol and 800 µM fatty acid, and was allowed
to incubate for 1 hour stirring at 4 oC. The reaction was initiated with 1 mM H2O2 and
tetraguaicol formation was monitored at 470 nm using a Hewlett-Packard 8453
spectrophometer.

Initial rates were determined using a tetraguaiacol extinction

coefficient of 26.6 mM-1 cm-1.

3.4.4 Dissociation constants of short chain fatty acids with OleT
A 500 µL mixture containing 5 µM OleT in 200 mM KPi (pH 7.5) and 200 mM
NaCl was titrated with sequential additions of a 10 mM fatty acid stock dissolved in
ethanol with a Hamilton gas-tight syringe. The amount of ethanol added never exceeded
5 % (v/v). Absorbance changes at 392 nm and 417 nm were fit as a function of substrate
concentration [S] using Origin software with the following hyperbolic expression to
determine dissociation constants (Kd).
∆Abs392nm−417 nm =

∆Absmax [S]
K d + [S]

In contrast to earlier substrate binding studies of EA,5,12 the relatively weak
affinity of these substrates do not necessitate fitting to a quadratic Morrison expression.
The addition of small molecules (ex. guaiacol, benzene, norcarane) did not induce any
additional spectroscopic changes to the enzyme.
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3.4.5

Product analysis of the OleT:Decanoic Acid + H2O2 reaction
To a sealed vial containing a 2 mL reaction mixture of 5 µM OleT, 1 mM

perdeuterated decanoic acids in 200 mM KPi (pH 7.5), and 200 mM NaCl, 2 mL of 5
mM of H2O2 was added over one hour, followed by termination of the reaction with 200
µL of 12 M HCl using a gas-tight Hamilton syringe. A reaction in which H2O2 was
replaced by 100 mM KPi was used as a control. Nonane (112 nmol) was added as an
internal standard. 250 µL of the reaction headspace was injected onto a GC HewlettPackard 5890 GC system using a Hamilton syringe needle. The GC was equipped with a
J&W Scientific DB-5MS column (30 m x 0.25 mm, 0.5 micron). The oven temperature
program follows: 300 °C injector temperature, 50°C/hold 3 min; 5°C min-1 to 100 °C;
hold 3 min.

3.4.6

Determination of Decarboxylation/Hydroxylation Ratio
Reaction conditions were the same as described in the previous section. Each

sealed reaction was terminated by the addition 4 mL chloroform using a gas-tight
Hamilton syringe and allowed to incubate on ice for 15 min. 104 nmol of 1-hexadecene
and 100 nmol stearic acid were added to each vial, and served as internal standards for
the quantification of alkene or fatty alcohol products. Vials were subsequently
decrimped and centrifuged.
The organic phase was either injected directly onto a GC-MS instrument (for
alkene determination) or dried using N2 and subsequently derivatized with 200 µL of
BSTFA + TMCS (99:1) for fatty alcohol determination. The peak areas of disilylated
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fatty alcohols and alkenes were compared to internal standards. The response factors of
internal standards and products were determined in previously published work. 11

3.4.7

H218O2 Insertion into Fatty Alcohol Products
A 2 mL reaction mixture containing 200 mM KPi (pH 7.5), 200 mM NaCl, 1 mM

deuterated decanoic acid (prepared as a 50 mM stock in ethanol) and 5 µM OleT was
initiated by the addition of hydrogen peroxide (2 mL, 500 µM H216O2 or H218O2) via
syringe pump over the course of one hour. After completion of the reaction, the mixture
was extracted with an equal volume of chloroform and 100 nmol of dodecanoic acid was
added as an internal standard.
The combined mixture was vortexed for 15 minutes and centrifuged at 4 oC for 20
min. The organic phase was removed and dried with N2 to completion, resuspended in
200 µL of BSTFA:TMCS (99:1), and heated to 68 oC for 30 minutes for derivatization.
Samples were analyzed on a Hewlett-Packard 5890 gas chromatograph with an Rtx-5
fused silica column (30 m x 0.25 mm I.D., film thickness 0.25 µm) using a temperature
gradient from 70 oC to 300 oC at a rate of 10 oC /min. The column fed directly into a
Waters VG 705 magnetic sector mass spectrometer and ionized using a 70 eV electron
impact energy.

3.4.8 Stopped Flow Spectroscopy
Transient kinetics experiments were conducted in a similar fashion to those
previously reported.

12

OleT enzyme:substrate (E:S) complexes were generated by the

addition of 1 mM decanoic acid (protiated or deuterated) to 25 µM OleT in 200 mM KPi
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(pH 7.5) and allowed to incubate overnight at 4 oC. For stopped flow experiments of
norcarane, 5 µL of neat norcarane was added to the reaction mixture. Samples were
centrifuged to remove non-solubilized fatty acid and subsequently loaded into one
syringe of an Applied Photophysics SX20 stopped flow spectrophotometer.
The E:S samples were rapidly mixed with 10 mM H2O2 and monitored by
photodiode array (PDA) detection, or at 370 nm with a photomultiplier tube (PMT), to
measure Compound I decay. Compound I decay rates were obtained by fitting the time
courses at 370 nm to the following summed two exponential expression where At,obs is the
observed absorbance, 1/ti is the reciprocal relaxation time (s-1), ai is the amplitude of
phase i, t is time (s) and 𝐴∞ is the final absorbance.
𝑛

𝐴𝑡,𝑜𝑏𝑠 = 𝐴∞ + ∑ 𝑎𝑖 𝑒 −𝑡/𝑡𝑖
𝑖=1

We have previously found that only the fast, larger amplitude phase (RRT)
demonstrates appreciable isotopic sensitivity, expected for hydrogen (or hydride)
abstraction. As such a bond cleavage process is expected to be irreversible, the measured
RRT corresponds to a decay rate constant of Compound I. Due to the lower affinity of
short chain fatty acids, decanoic acid was present in molar excess to OleT in order to
generate a fully saturated E:S complex. However, the measured Compound I decay rate
constants far exceed those for substrate association steps (over an order of magnitude).
As a result, the spectral changes monitored in short time regimes well approximate single
turnover conditions.
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3.4.9 Radical Clock Studies
A 2 mL reaction mixture containing 200 mM KPi (pH 7.5), 200 mM NaCl, 1 mM
deuterated decanoic acid (prepared in ethanol), 25 µM OleT and 2 µL of neat radical
clock substrate (norcarane or methyl phenyl cyclopropane) was allowed to stir and
incubate at room temperature for 15 min. prior to the addition of hydrogen peroxide (2
mL, 5 mM) via a syringe pump over the course of one hour.
After the completion of reaction, 400 L CDCl3 (stabilized with Ag) was added to
each sample for product extraction. The mixture was vortexed vigorously for 1 minute
and further centrifuged at 16,200 g. The organic layer was removed from the bottom of
the conical centrifuge tube and placed in a GC-MS vial for immediate analysis. Samples
that were not immediately analyzed were stored at -80 oC. Products were analyzed on an
Agilent 7890A GC system (Rtx-5 G27 30 m column with fused silica) with an Agilent
5975C mass spectrometer with EI/CI capabilities (Princeton), or on an Agilent 5977E
GC/MSD bundled system with a HP-5MS column (Barnard).
For methylphenyl cyclopropane products, the sample was injected at an oven
temperature of 35 oC, held for 2 min, and increased at a rate of 10 oC per minute to a final
temperature of 225 oC. For norcarane products, two slightly different methods were
employed. For method A (Princeton), the initial oven temperature was 30oC, held for 6
minutes and subsequently ramped at a rate of 10 oC per minute to 225oC.
For method B (Barnard) the initial oven temperature was 35 oC, with a 5 min.
hold time, followed by a 10 oC per min. gradient to a final oven temperature of 225 oC.
The rate constants for the oxygen rebound reactions were determined by multiplying the
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ratio of ring closed: ring open products by the intramolecular radical rearrangement rate
for each probe. The radical lifetime is the reciprocal of this value.

53

Figure 3.1 Possible Mechanisms for the OleT decarboxylation (A, C) and canonical P450
hydroxylations (B)
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Figure 3.2 GC/MS spectra of d18- nonene (A) and C-OH decanoic acid products of the
OleT reaction with decanoic acid and H2O2
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Figure 3.3 MS spectra of the decanoic acid Cfatty alcohol product m/z – 15 fragment
ion produced in reactions using H216O2 (A) or H218O2 (B)

56

Figure 3.4: Reaction of D19-decanoic acid bound OleT and H2O2. A 12 μM enzyme
substrate complex was rapidly mixed with 10 mM H2O2 and monitored by photodiode
array (A). Single wavelength time courses for the decay of Compound I in the absence
(top trace) and presence (B) of 1 mM norcarane. A two summed exponential fit (red) is
shown superimposed on the data
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Figure 3.5: GC-MS chromatogram of products from OleT metabolism of norcarane
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Figure 3.6 The competing radical and cationic pathways of P450-catalyzed oxidation
reactions

59

Figure 3.7 Detection of desaturation products of norcarane oxidation by OleT
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Table 3.1 Binding parameters of short chain fatty acids and OleT
Fatty acid

KD (μM)

Maximum high-spin
conversion (%)

decanoic acid (C10:0)

20 ± 2

36

octanoic acid (C8:0)

134 ± 11

25

hexanoic acid (C6:0)

164 ± 15

19
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Table 3.2 Product distribution profiles of mechanistically significant products from the
oxidation of norcarane and methylphenylcyclopropane

Substrate
Norcarane

Methylcyc
lopropane

Product yield (%)
Cation

Radical

Endo-2norcanol

Exo-2norcanol

3norcanol

3norcaranone

norcare
nol

Radical
lifetime

2.6

0.75

51.5

38.9

1.9

0.55

3.8

42 ps

1.4

0.47

47.6

33.4

Ring opened

Ring closed

59.9

40.1

58.1

41.9

29 ps

2.2 ps
2.4 ps
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Figure 3.8 Dependence of the guaiacol oxidation rate on the presence and chain length of
fatty acids bound to OleT. The initial rate of tetraguaiacol product formation was
determined at 470 nm. Error bars represent one standard deviation of the mean (n=3).
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Table 3.3 Dependence of the guaiacol oxidation rate on the isotopic composition of
decanoic acid. Error bars represent one standard deviation of the mean (n=3).
guaiacol oxidation rate
(μM/min/μM OleT)

C10H19O2
C10D19O2
C10F19O2

98.4 ± 15.7
496 ± 71
2 ± 1.3
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Figure 3.9 Optical binding titrations of C6 (A), C8 (B), and C10 (C) fatty acids to OleT.
Aliquots of fatty acid (dissolved as an ethanol stock) were added to peroxide treated and
desalted OleT (~5 μM). The spectral changes at 417 and 392 nm were fit to a hyperbolic
binding expression as described in Methods.
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Figure 3.10 Representative GC FID chromatogram of the sampled headspace from a
sealed reaction vial containing 5 μM OleT, 5 mM H2O2, and 1 mM d19-decanoic acid.
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CHAPTER 4
RATIONAL DESIGN OF SELF-ACTIVATING BIOCATALYSTS FOR
SMALL HYDROCARBON OXYTRANSFORMATIONS
4.1

Preface
Parts of this chapter were published in Biochemical and Biophysical Research

Communications in 2016. Copyright (2016) Elsevier Reprinted with permission from
(doi:10.1016/j.bbrc.2016.05.145)
4.2

Introduction
The use of cytochrome P450 (CYP) enzymes for controlled and selective

insertion of oxygen into insert C-H bonds of organic compounds to create higher-value
products are highly desirable, and has been proven as feasible and robust alternative
methods to the conventional synthetic routes.1-4 P450 enzymes can carry out high regioand stereo- specific oxidation under ambient conditions and neutral pH. Therefore,
enzyme-based biotransformation is of great interest.
A limitation with most P450 enzymes is the need of an expensive and unstable
cofactors such as NAD(P)H and partner enzymes to deliver two equivalent electrons and
protons required for catalysis. Moreover, P450 catalysis can be initiated through the
“shunt pathway” where hydrogen peroxide (H2O2) is used to generate a high-valent
Fe(IV)-oxo radical porphyrin species (Compound 1). However, the efficiency of this
process is indigent and often leads to immediate enzyme inactivation.5-7
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Fatty acid peroxygenase (i.e. P450spα, P450BSβ, P450OleT, P450MP) is a sub-class of
P450 enzymes that utilize the stoichiometric amount of H2O2 to catalyze fatty acid
hydroxylation or decarboxylation. However, these enzymes can only metabolize
substrates with a terminal carboxylate, which significantly limit their use for an important
industrial application such as hydroxylation or epoxidation. Furthermore, several enzyme
groups have successfully engineered heme-proteins that can efficiently utilize H2O2 for
biocatalysis and, therefore, circumvents the need of redox partners and costly cofactors.8,9
Recently, a novel peroxygenase/peroxidase hybrid from Agrocybe aegerita
(AaeAPO) has been isolated and well-characterised.10-12 AaeAPO can metabolise a
wide range of different substrates using H2O2 as the sole oxidant, as it may be part
of the defence mechanism for detoxification or degradation. The use of AaeAPO
for biotransformation is highly desirable and is of great interest. However, it
remains challenging because the surface of the enzyme is highly glycosylated
which make it difficult for modifications.
To our best knowledge, AaeAPO can only be extracted from the source and
cannot be heterologously expressed in host systems such as Escherichia coli or
Saccharomyces in large quantities. Therefore, engineer existing enzymes with
AaeAPO feature may offer a solution to this shortcoming.
Herein, we describe the use of rational design and site-directed mutagenesis
to elegantly transform a fatty acid peroxygenase P450 OleT enzyme into an
AaeAPO-like enzyme as it allows for the catalysis of a wide range of different
substrates other than fatty acids. This may offer as an excellent alternative to
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AaeAPO as P450OleT can be produced in Escherichia coli in large quantities as
well as be modified easily

4.3

Results and Discussion
Arginine 245 (Arg 245) is a well-conserved residue in all fatty acid

peroxygenases as it forms a stable electrostatic interaction and hydrogen bonding (salt
bridge) with the carboxylate of fatty acid substrates. Salt bridge plays an important role in
substrate positioning and the activation of enzyme catalysis. Watanabe and co-workers
have demonstrated short chain fatty acids or acetic acid can serve as a decoy to trigger
enzyme catalysis and hydroxylate small molecules that lack a terminal carboxylate.13,14
Based on the crystal structure of AaeAPO (PDB: 2YP1) and substrate-bound
P450OleT (PDB: 4L40), AaeAPO has a conserved arginine residue at position 189 rather
than 245 and this arginine is within the distance for the formation of a hydrogen bond
with glutamic acid at position 196. The carboxylate of glutamic acid has a distance of 5.1
Å to the iron center of porphyrins which allow for efficient peroxide heterolysis and the
activation of enzyme catalysis. Similarly, in the P450OleT system, the carboxylate of
eicosanoic acid forms a salt bridge with Arg 245 with a distance of 5.3 Å to the iron
center.
The crystallographic results suggested that it may be possible to introduce a
terminal carboxylate residue near Arg 245 to form a salt bridge within the P450OleT
system in a similar fashion to the AaeAPO system. As long as the distance of carboxylate
is less than ~5 Å the built-in salt bridge should allows for efficient heterolytic cleavage of
peroxide and the activation of enzyme catalysis. As a proof-of-concept, the proline
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residue at position 246 was mutated to an aspartic acid (P246D) via site-directed
mutagenesis, and the variant is now referred to as P246D OleT.
The resting state of P450 enzymes contains an iron protoporphyrin IX as low-spin
species with a ligated water molecule and a strong Soret band at 418 nm. Upon the
addition of substrates, the displacement of ligated water molecule can generate high-spin
species and induce spectral changes which shift the Soret band from 418 nm to 392 nm.
This spin-shift allowed for the determination of the dissociation constant (Kd) of P450
enzymes with any substrates of interest. The measured Kd of WT P450OleT with palmitic
acid was 700±50 nM as palmitic acid is the most abundant fatty acids found in E. coli. To
our knowledge the Kd of this substrate with P450OleT has never been reported before.
Intriguingly, no spectral changes were observed with P246D OleT in the presence
of 10 fold excess of palmitic acid which may be indicative of three scenarios: (1) the
carboxylate of palmitic acid was unable to form a salt bridge with Arg 245 due to the
presence of a salt bridge between Arg 245 and Asp 246, (2) palmitic acid was unable to
enter the substrate access channel, or (3) the thiolate of the porphyrin popped off during
purification processes (i.e. catalytic inactive enzymes).
In order to rule out the possible scenario 3, a carbon monoxide (CO)
binding assay was performed. Unsurprisingly, a strong Soret band at 445 nm was
formed upon the addition of CO to reduce P246D OleT, which is indicative of an
active enzyme with an intact thiolate. Furthermore, electron paramagnetic
spectroscopy (EPR) was employed to investigate further the substrate binding of
P246D OleT with palmitic acids, as we have recently observed the drifting of g
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values in the P450MP system that does not undergo a substrate induced spin shift in
UV-vis.15
The EPR spectrum of “as purified” P246D OleT is comprised of g values at
2.59, 2.45, 1.90, and 1.85. The gz = 2.45 fell within the range of a typical ferric
water-bound P450 enzyme.16,17 The EPR spectral change upon the addition of
palmitic acid (10X access) was minimal with signals at g = 1.85 and 2.45 being
quenched. This may be indicative of unknown small molecules in the active site of
P246D OleT being displaced by the palmitic acids. This is also an indirect
confirmation to illustrate the substrate accessibility of fatty acids in P246D OleT
despite no spin-shift was observed in UV-vis. Attempts to capture any
intermediates of P246D OleT with H2O2, mCPBA and NaOCl were unsuccessful
(Figure 4.6).
The oxidation of styrene (aromatic), nonane (linear), cyclohexane (cyclic),
eicosanoic acid (native substrate) and palmitic acid (native substrate) catalysed by
P246D OleT or WT OleT is conducted to examine whether the built-in salt bridge
can sufficiently heterolysis of H2O2 and trigger catalysis. The reactions are carried
out via slow perfusion of peroxide as previously described 15 and quenched with
equivolume of chloroform after 1 hr. The total turnover numbers (TONs) of all
products detected from the reactions catalysed by WT OleT with eicosanoic acid
and palmitic acid are 124±7 and 90±9, respectively. However, no products are
detected under the same conditions with P246D OleT.
Interestingly, when we switched to substrates that lack of a terminal carboxylate,
the TONs of substrates with WT OleT and P246D OleT are completely the opposite. The
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TONs for the epoxidation of styrene and the hydroxylation of nonane and cyclohexane
are 959 ± 25, 57 ± 6, and 17 ± 5 with P246D OleT and 34 ± 1, 0 ± 0, 0 ± 0 with the WT
OleT. The regioselectivity with nonanol products is determined via GC-MS, and the
representative of MS fragmentations of each product is shown in Figure 4.4. The results
from the multiple turnover experiments suggested that we may have inverted the
substrate selectivity with P246D OleT and a proposed catalytic hydroxylation mechanism
with nonane substrate by P246D OleT is shown in Figure 4.5.

4.4

Conclusion
In conclusion, we utilized rational design and site-directed mutagenesis to

elegantly transform a fatty acid peroxygenase P450OleT into an enzyme with a selfactivating feature by a single residue replacement. An inverted substrate selectivity of
P246D OleT allowed for the metabolism of a wide range of small hydrocarbon substrates
that lack a terminal carboxylate, which is not observed in the WT OleT system. Also, the
overexpression of this enzyme in E. coli can be achieved at a high level which is ideal for
both in vivo or in vitro biochemical transformations of relevant industrial compounds.
This approach may also be extended to other fatty acid peroxygenases.

4.5

Experimental Section

4.5.1

Reagents
All buffer salts and Isopropyl b-D-thiogalactopyranoside in this study were

purchased from Research Products International (IL, USA). All chemicals, unless
otherwise stated, were purchased from Sigma-Aldrich. Imidazole and Luria broth were
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purchased from bioWORLD (OH, USA). BSTFA + TMCS (99:1) was purchased from
SUPELCO (PA, USA).

4.5.2

Heterologous Expression and Purification of WT OleT and P246D OleT
Wild-type cytochrome P450 OleT from Jeotgalicoccus sp. ATCC 8456 was

overexpressed, purified and quantified as previously described. 18 Site-directed
mutagenesis of the P246D OleT variant was achieved using the following primer and its
reverse complement:
Forward 5’-GACTTGATGAACACCTTTCGCGATCTGATCGCCATCAATCGCTTC,
Reverse 5’-GAAGCGATTGATGGCGATCAGATCGCGAAAGGTGTTCATCAAGTC.
The mutation site was verified via gene sequencing at EtonBio Inc.

4.5.3

Dissociation Constant of Mid-Chain Fatty Acids with WT OleT
A Hewlett-Packard 8453 spectrophotometer was used for substrate titration

experiments for the determination of dissociation constant of WT OleT with palmitic
acids. An 800 µL of a mixture containing 10 µM of WT OleT in 200 mM KPi (pH 7.5)
was titrated with small aliquots of 10 mM palmitic acid stock dissolved in DMSO with a
10 µL Hamilton syringe, the final amount of DMSO added was below 5% (v/v).
The substrate induced absorbance changes at 392 nm and 417 nm was fitted with
a modified quadratic function (Morrison equation) in Origin software in order to
determine the tight binding of palimtic acids with WT OleT.18 Amax is the maximum
absorbance change at ligand saturation, S is the concentration of fatty acids, Et is the
concentration of peroxide-treated WT OleT, and Kd is the dissociation constant.
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𝐴𝑜𝑏𝑠 = (

𝐴𝑚𝑎𝑥
) (𝑆 + 𝐸𝑡 + 𝐾𝑑 ) − (((𝑆 + 𝐸𝑡 + 𝐾𝑑 )2 − (4𝑆𝐸𝑡 ))0.5 )
2𝐸𝑡

A 25 fold excess palmitic acids was added to a 500 µL of a mixture containing 4
µM of P246D OleT in 200 mM KPi (pH 7.5). The mixture was incubated at room temp
for 30 min prior to the UV-vis measurement and no spectroscopic changes were
observed.

4.5.4

Carbon Monoxide Binding Studies
A sealed curvetted containing 750 µL of mixture with 10 µM of P246D OleT and

1 µM of methyl viologen was bubbled with carbon monoxide (CO) on ice for 20 min, and
a baseline measurement was collected on a Hewlett-Packard 8453 spectrophotometer.
Then, 25 µL of 10 mM sodium dithionite (prepared in N2 buffer) was added using a 50
µL Hamilton syringe; a measurement was collected after 3 min of incubation time. The
data was normalized with the initial measurement when the sodium dithionite was
omitted.

4.5.5

Electron Paramagnetic Resonance Spectroscopy
A 250 µL of a mixture containing 195 µM of P246D OleT and 410 µM of

palmitic acid (prepared in 10 mM stock in ethanol) was allowed to incubate on ice for 30
min before flash frozen for EPR measurements at 10K. A mixture containing an equal
concentration of P246D OleT without palmitic acids was used as a control. X-band EPR
spectra were recorded using a Bruker EMXplus spectrometer equipped with an Oxford
Instruments ESR900 liquid helium continuous flow cryostat under the following

78

conditions: temperature 10 K, modulation amplitude 10 gauss, microwave power 2 mW,
and a total of 5 scans was collected for each sample.

4.5.6

Product Analysis of WT OleT and P246D OleT with Small Molecules
A 2 mL reaction mixture containing 5 µM of WT OleT or P246D OleT, 10 µL of

neat small molecules (cyclohexane, nonane, or styrene), or 500 µM of eicosanoic acids
(from a 10 mM stock in ethanol), or 500 µM of palmitic acids (from a 10 mM stock in
ethanol), in 200 mM KPi (pH 7.5), 200 mM NaCl and 10% glycerol (v/v) was allowed to
stirred and incubated at room temp for 15 min prior to the addition of 5 mM of H2O2
oxidant at the rate of 2 mL/hr for an hour.
The reaction was terminated by the addition of equivolume of chloroform
followed by the addition of internal standard. The immiscible mixture was vortexed and
spun down to separate the organic phase, and 5 µL of the organic phase was immediately
loaded onto an FID-GC or GC-MS instrument for analysis. For internal standards, mystic
acid was used as a reference for hydroxy-products of eicosanoic acid and palmitic acid
analysis; 1-hexadecene was used as a reference for alkene products of eicosanoic acid
and palmitic acid analysis.
Phenol was used as a reference for cyclohexanol products analysis. Hexane was
used as a reference for nonanol products analysis. Cyclohexanol was used as a reference
for styrene oxide products analysis.

4.5.7

Stopped-Flow Spectroscopy
UV-vis transient experiments for the capturing of any intermediates of P246D

OleT were conducted on an Applied Photophysics Ltd. SX20 stopped-flow
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spectrophotometer at 4 °C. A 1 mL of mixture containing 7.5 µL of P246D OleT and 10
fold excess of (1) perdeuterated eicosanoic acid or (2) perfluorinated decanoic acid in 200
mM KPi (pH 7.5) and 200 mM NaCl was rapidly mixed with (1) 5 mM or 10 mM H2O2
in buffer, (2) 0.2 mM or 5 mM MCPBA in buffer, or (3) hypochlorite at 100 fold or 400
fold dilution. No spectroscopic changes were observed within the monitored time region.

80

Figure 4.1 (A) Comparison of the salt bridge within the active site of AaeAPO
(PDB: 2YP1) and eicosanoic acid bound WT (PDB: 4L40) with estimated distance
to the iron center of the porphyrin. (B) A proposed mutation site (Pro-246 to Asp246) for the introduction of a self-activating feature into P450OleT protein scaffold
framework.
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Figure 4.2 (Top left) UV-vis spectra of substrate titration experiment of WT OleT with
palmitic acids for the determination of dissociation constant (Kd). (Top right) UV-vis
spectra of P246D OleT in the presence of palmitic acids (10X), and in the CO-bound
state. (Bottom) EPR spectra of as purified P246D OleT and in the presence of palmitic
acids (10X).
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Figure 4.3 Total turnover numbers of substrates to its respective alcohol products used in
this study to probe the catalysis of P246D OleT variant against WT OleT.
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Figure 4.4 Representative mass fragmentation patterns of detected nonanol products
extracted from the hydroxylation of nonane reactions catalysed by P246D OleT under
ambient conditions.
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Figure 4.5 Proposed catalytic mechanism of hydroxylation of nonane substrates
catalysed by P246D OleT with a built-in salt bridge feature.
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Figure 4.6 Representative UV-vis transients observed upon 1:1 mixing of 8 µM of ferric
P246D OleT enzyme with 5 mM of H2O2 at pH 7.5 and 4 °C. No spectral change was
observed within the monitored time region.
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CHAPTER 5
BIOCHEMICAL AND PHOTOREDUCED ELECTRON TRANSFER OF
PEROXYGENASE BASED BIOFUEL PRODUCTION
5.1

Introduction
Fuels produced from naturally abundant, biological resources represent a

compelling alternative to current fossil fuels due to their renewability, and are considered
as environmental friendly.1-3 The most ideal and widely accepted biofuel compositions
are hydrocarbons, medium- to long-chain alkenes or alkanes, due to their chemical and
physical similarity to widely used petroleum-based fuels.4 Because of this, in recent
years, there has been significant interest towards developing artificial biosynthetic
pathways in genetically tractable microorganisms such as Saccharomyces cerevisiae
(yeast) or Escherichia coli to produce ‘drop-in compatible’ biofuels from cost-effective
and abundant microbial fatty acids.5
As discussed at length in this dissertation, OleT is a P450 peroxygenase enzyme
of the CYP152 family that uses H2O2 as the sole electron and oxygen donor to trigger
catalysis. The utilization of H2O2 as an oxidant is advantageous because the oxidant at
least 10,000 fold (on a molar basis) than reduced nicotinamide, more scalable, and does
not require the associated redox proteins that are utilized by most P450s. However, from
the perspective of producing hydrocarbons in a microbial platform, H2O2 driven catalysis
is prohibitive due to its high cellular toxicity.
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The H2O2 reactive oxygen species is ill tolerated by microorganisms, leading to extensive
defects such as protein oxidation and inactivation, unbalanced homeostasis, and
ultimately, cell death. As a result, sophisticated and highly efficient cellular mechanisms,
such as superoxide dismutases and catalases, scavenge reactive species, preventing
accumulation.
Dennig and coworkers recently demonstrated in cell-free lysate conditions, that a
recycling, biocatalytic system comprised of NAD(P)H, putidaredoxin and putidaredoxin
reductase (CamAB), and formate dehydrogenase FDH could replace the H2O2 oxidant
and support OleT alkene formation.6

These findings are interesting from a

biotechnological standpoint and highly surprising in terms of P450 enzymology.
Although not directly demonstrated, their work implies that OleT catalysis can
presumably proceed via the sequential electron transfer, O2 binding, and concerted proton
transfer events that lead to O-O bond heterolysis and ensuing Compound I formation. As
discussed in Chapter 2, like hallmark monooxygenation reactions, the decarboxylation
reaction coordinate is initiated by C-H bond abstraction by the metal-oxo intermediate
known as Compound I.

Nevertheless, decades of coordinated biochemical and

biophysical studies have shown that in order for P450s to activate O2 and generate
Compound I in a scheme shown in Figure 1.1, several key requirements are necessary
(extensively reviewed in Structure and Chemistry of Cytochrome P450).7 First, although
redox systems are sometimes transferable from P450 to P450, the binding of Fe-S
electron carriers typically relies on well defined electrostatically guided interactions at
their respective protein interfaces.
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A comparison of the surface electrostatics of OleT and CYP101, that utilizes
putidaredoxin as its native redox donor, shows that the former lacks the highly positively
charged patch required for efficient redox partner binding, including the Arg112 residue
critical for efficient electron delivery.7-10 Second, extensive mutagenesis experiments in a
host of P450 systems have shown that the successful activation of O2 requires highly
coordinated proton delivery through conserved residues at the I helix that runs above the
heme.7,8 A comparison of the active-site structures of OleT and CYP101 in Figure 5.1
shows that the critical acid/alcohol pair (Asp251 and Thr252 in CYP101) is replaced by
Ile248 and Ala249 in OleT. As a result, there is no apparent active-site
To address this mechanistic conundrum and to ascertain the extent to which other
redox cycling systems support OleT catalysis, the first part of this chapter describes the
characterization and application of an E. coli flavin-dependent reductase (fre) for alkene
production. Fre, which is normally not utilized as an electron transfer partner for P450s,
but rather for other highly unrelated biological redox processes,11-13 is directly shown to
support OleT biocatalysis in an electron and O2 dependent mechanism.
The highly efficient turnover of OleT with Fre in vitro, and abundant
overexpression in E. coli indicates that it is an excellent tool for an artificially designed
P450 biosynthetic pathway for efficient bioenergy production in vivo. Coupled with fatty
acid overexpressing systems, this circumvents the need for enzyme purification and posttranslational modification.
The second part of this chapter extends this work and describes the design and
development of a light-driven platform as an alternative method for bioenergy production
in vitro. Intense efforts have been devoted towards the elaboration of light-driven
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methods to initiate catalysis, including P450s, to

produce specialty chemicals as a

sustainable alternative to meet the global demand.14-16 Liu et. al. and Dennig et. al. have
shown that H2O2 can be substituted by an artificial enzymatic electron-transfer system
(additional 1 or 2 more enzymes) to provide required electrons and O2 for OleT
biocatalysis. However, this type of system requires a costly, and unstable co-substrate
nicotinamide adenine dinucleotide phosphate (NAD(P)H).6,17 Therefore, alternative
methods should be considered. Our platform uses synthetic Ru(II) photosensitizer and
light to provide photo reduced electrons for OleT biocatalysis and thus circumvents the
need for expensive and unstable NAD(P)H cofactors.

5.2

Results and Discussion
The development of a recycling system for OleT biocatalysis by Dennig and

coworker was as impressive as it was surprising, and led us to further investigate the
mechanism of CamAB turnover with OleT. In addition to its role as a redox donor to
CYP101, putidaredoxin binding also serves an “effector” regulatory role,18-20 causing
several key structural18,21 and electronic22,23 changes that are critical for atmospheric
dioxygen activation. Interestingly, based on the electrostatic surface of OleT, no obvious
binding interfaces were identified that would facilitate complexation to putidaredoxin and
resulting electron transfer
Based on the modeled results, we hypothesized that (1) it is possible the binding
interface is different for putidaredoxin and OleT, or (2) OleT biocatalysis is triggered
differently than the classic, well-accepted electron transfer P450cam mechanism.
Furthermore, it was notable that catalase (which breaks down H2O2 to water and O2) was
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not included in any of Dennig’s reactions as OleT. As OleT catalysis can be triggered
with trace amounts of generated reactive oxygen species, there was additional uncertainty
whether catalysis proceeded in an O2 dependent mechanism. To further investigate
whether OleT biocatalysis with CamAB was truly electron driven and not a result from
slow peroxide generation, we decided to replicate Dennig’s reactions using the reported
experimental conditions, using putidaredoxin (Pd, an iron-sulfur protein) and
putidaredoxin reductase (PdR, a flavoprotein) from Pseudomonas putida as a redox
system (an alternative name for CamAB). Each component of the system was
systematically removed to ascertain its specific role in the process. The experimental
results are summarized in Table 5.1 with the appropriate control reactions.
When the reconstituted system contained CamAB, NADH and excess catalase
(Table 5.1, entry 5), a significant amount of alkene was detected by gas chromatography,
demonstrating that the previously reported activity was not attributable to a slow leakage
of H2O2 through uncoupling reactions. Most interestingly, the omission of Pd, which is
directly involved in the transfer of electrons from PdR to CYP101, resulted in similar
total turnover numbers (TONs), Table 5.1, entry 5. This result suggested that OleT
biocatalysis did not require the binding of Pd, but was rather driven by a seemingly
cryptic redox process solely involving PdR. In short, these results suggested that the
“effector” role of Pd was not required for O-O heterolysis by OleT, and that catalysis was
primed and supported by a wide range of suitably poised redox donors.
To test this hypothesis, we decided to use the flavin-dependent reductase fre of E.
coli, initially as a control. Fre has an entirely different protein fold than PdR, including a
molecular mass of 28 kDA compared to 46 kDA. Moreover, Fre is not known to interact
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with P450 enzymes, but can efficiently reduce free flavins using the pyridine nucleotides
NAD(P)H or NADH. Although some systems have been found to successfully utilize Fre
as a redox donor,11,13 the native function of fre, particularly from E. coli, is still not well
defined.24 Surprisingly, the TON of OleT was enhanced three-fold (Table 5.1, entry 6)
relative to CamAB, when fre and FAD was instead used as a turnover system for OleT.
Little to no turnover was observed when fre was omitted from the reaction (Table 5.1,
entry 7) consistent with the proposal that the enzymatic reaction was triggered by reduced
FAD, and that the flavoprotein was required for facilitating hydride transfer from NADH.
Together with the efficient turnover observed in the absence of Pd, this suggest that PdR
alone was most likely responsible for turnover in the work reported by Dennig. As far as
we aware, the use of the flavin-dependent reductase fre of E. coli as an efficient redox
partner for P450 biocatalysis has never been previously reported. As the system is
endogenous to E. coli, fre can be synthesized in large quantities, which may also serve to
enhance the overall hydrocarbon production in vivo.
To further characterize the transformation efficiency between fre and OleT for the
decarboxylation of fatty acids, a series of reactions were conducted to rapidly screen for
the most efficient turnover conditions in vitro (shown in Table 5.2). Bovine serum
albumin (BSA) was included, as it has been reported to increase the overall solubility of
fatty acid substrates, and facilitate the TON of enzymes such as ADO under aqueous or
mixed solvent conditions.25,26 Remarkably, TONs as high as 800 were achieved with the
fre/FAD/NADH system. The TONs were significantly higher than those using H2O2 cosubstrate (~200). This indicates that the O2 system is indeed milder than H2O2 in terms of
unwanted enzyme inactivation of OleT over a prolonged reaction timecourse.
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In order to directly illustrate that the fre system can deliver electrons to OleT, a
carbon monoxide binding assay was performed using stopped-flow UV-vis spectroscopy,
shown in Figure 5.1A. The ferric, substrate bound enzyme was rapidly mixed with
fre/FAD/NADH in the presence of carbon monoxide (CO), which rapidly and specifically
ligates the ferrous hemoprotein. Upon mixing OleT with fre/FAD/NADH, a difference
spectrum (Figure 5.2A) shows the formation of the characteristic CO adduct at 445 nm,
demonstrating direct electron transfer of OleT to the ferrous form. The redox process was
also characterized by electron paramagnetic resonance (EPR) spectroscopy (Figure 5.1B).
Fre and FAD were added to substrate bound OleT. X-band EPR at 10 K shows signals
that derive from an equilibrium of high-spin (g = 8, 4, 1.8) and low-spin (g= 2.4, 2.5, 1.9)
forms (Figure 5.2B, top trace) in the absence of reducing equivalents. Upon the addition
of NADH under anaerobic conditions, both sets of signals completely disappear,
consistent with an efficient reduction to the EPR silent Fe2+ species.
We further probed whether fre reductase could also work with CYP101, which as
mentioned earlier, is highly regulated at numerous points of the catalytic cycle by redox
partner (Pd) binding. Parallel experiments probed the metabolism of camphor, the native
CYP101 substrate, with the fre/FAD/NADH and CamAB/NADH systems. A comparison
of the GC chromatograms of these two conditions is shown in Figure 5.2C. Neither the
consumption of d-camphor (retention time, RT = 3.8 min) nor the production of the
regio- and stereo-selective 5-exo-hydroxycamphor product (RT = 7 min) were observed
using fre with the CYP101 system, in contrast to control experiments using
Pd/PdR/NADH.
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We further investigated the interaction between fre/FAD with OleT (Figure 5.2)
using stopped-flow spectroscopy. The formation of the CO complex at 445 nm was
monitored as a function of Fre/FAD concentration. The linear dependence of the rate,
with no evidence of saturation, suggests that electron transfer does not result from a
specific macromolecular binding event or that such a binding event was too weak to
measure. A specific binding process would instead show evidence of rate saturation.
Consistent with this, the overall consumption of NADH was similarly monitored at 340
nm, and shows no evidence of saturation, nor hyperbolic dependence at high
concentrations of FAD/Fre. Finally, conversion of the high-spin Fe3+ enzyme-substrate
complex (max = 392) to the low-spin product form (max = 417 nm) was monitored by
stopped flow spectroscopy. Again, a linear concentration dependence of this rate, which
could be adequately fit to a single exponential process, was observed. The collective
kinetics data show that primary electron transfer, NADH consumption, and turnover each
kinetically behave in a collisional mechanism, likely through the FAD which can diffuse
from Fre to a suitable position at the OleT surface. A model for this mechanism is shown
in Figure 5.4.
The second part of this chapter focuses on the design and the development of a
light-driven platform for biodiesel production. Using rational design, including sitedirected mutagenesis and chemical synthesis, a Ru(II) photosensitizer can be attached to
a surface cysteine of OleT to probe whether OleT catalysis can be triggered simply using
light and O2 , circumventing the need for an electron-transfer system and NAD(P)H
entirely. Tran et. al. and Park et. al. demonstrated that a Ru(II) photosensitizer can be
attached to P450 BM3 enzymes for the light-driven hydroxylation of fatty acids and other
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novel substrates with acceptable yields.12,13 Having established that OleT can operate
using O2 and suitably delivered electrons, we wanted to extend this methodology to the
OleT system towards a light driven bioenergy platform.
Based on the solved structure of substrate bound OleT with eicosanoic acid (PDB
4L40), a tyrosine residue at position 110 (Y110) can be mutated to cysteine (Y110C),
allowing for possible attachment of the Ru(II) photosensitizer. The tyrosine residue is
4.8 Å away from an adjacent tryptophan residue at position 149 (Trp149) which in turn is
4.4 Å away from the OleT heme edge. Together, this forms a two-hop, electron-transfer
pathway with a minimum through space electron transfer distance (Figure 5.4). The
Y110C OleT variant was overexpressed in the Escherichia coli BL21(DE3) strain and
purified using established protocols,27 yielding 35 mg of protein per liter of culture. A
modified thiol counting assay developed by Ellman28 was used to quantify the number of
surface accessible cysteine residues of the Y110C OleT variant. This assay discerned
that the Y110C variant has 1.16 accessible thiols per enzyme (Figure 5.5B), consistent
with one unique introduced surface cysteine.
The attachment of a Ru(II) photosensitizer to Y110C OleT variant can be
achieved via iodoacetamide chemistry

29

with established protocols
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(Figure 5.5A).

Using UV-vis and fluorescence spectroscopy, we estimated the labeling efficiency was
~90%, with the assumption that the spectroscopic response from the Ru(II)
photosensitizer and Y110C OleT variant was additive (Figure 5.5C). It is important to
ensure the attachment of a Ru(II) photosensitizer to Y110C variant does not hinder the
enzyme from binding to fatty acids substrates, and therefore a binding assay of the
labeled protein was performed (Figure 5.6). The determined dissociation constant (Kd) of
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eicosanoic acid with unlabeled and labelled Y110C OleT enzymes were ~2 μM and 1
μM, respectively.
Upon light exposure, the excited state of Ru(II) photosensitizer can be quenched
by a sacrificial electron donor, such as sodium diethyldithiocarbamate (DTC), and
reduced to Ru(I)

31

, which can provide the two electrons required for OleT catalysis. A

carbon monoxide (CO) binding assay (Figure 5.7A) was conducted using stopped-flow
UV-vis spectroscopy, using the stopped flow lamp as a source of continuous radiation.
The resulting spectrum shows strong peak formation at 445 nm upon exposure with a
Xenon arc lamp, which illustrates that electrons produced by this photoreductive process
can indeed reduce the heme cofactor through a designed two-hop electron transfer
pathway.
Furthermore, GC results (Figure 5.7B) confirmed that Ru-Y110C can efficiently
decarboxylate eicosanoic acid to produce a 1-nonadecene product when exposed to a low
intensity (250mW) light source in the presence of O2, resulting in a TON of ~100. No
product was detected from control reactions (no light). As OleT is a peroxygenase and
can be triggered by reactive oxygen species (ROS), additional control experiments were
conducted in the presence of catalase to ensure that the enzymatic reaction was triggered
by direct electron transfer from the Ru(II) photosensitizer, rather than by H2O2. The
overall yield of 1-nonadecene increased when excess catalase was included in the
reaction mixture, indicating that catalysis was indeed light driven.
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5.3

Conclusion
We have discovered and demonstrated the use of flavin-dependent fre reductase

of E. coli as an efficient redox partner for OleT biocatalysis and bioenergy production
with high turnover numbers in vitro, and thus circumvents the need of H2O2. We have
also designed and developed a light-driven platform as an alternative method that utilizes
hybrid P450 OleT enzymes covalently attached Ru(II) photosensitizers to a non-native
surface cysteine for the production of biodiesel from eicosanoic acids. This
photosensitizer linked surface cysteine is capable of, directing electron transfer, to the
thiolated-heme upon visible light irradiation to trigger enzymatic catalysis. This approach
circumvents the need for redox partners and costly cofactor NADPH.

5.4

Experimental Section

5.4.1 Reagents
Nicotinamide

adenine

dinucleotide,

dithiothreitol,

isopropyl

b-D-

thiogalactopyranoside, ethylenediaminetetraacetic acid and all buffers used in this study
were purchased from Research Products International (Mt. Prospect, IL, USA). Imidazole
and Luria broth were purchased from bioWORLD (Dublin, OH, USA). Dimethyl
sulfoxide, sodium diethyldithiocarbamate trihydrate, eicosanoic acid, catalase from
bovine liver, flavin adenine dinucleotide were purchased from Sigma-Aldrich (St. Louis,
MO, USA). 1-hexadecene and 1-nonadecene were purchased from Tokyo Chemical
Industry (Kita-Ku, Tokyo, Japan). Dimethylformamide was obtained from in-house
distillation system.
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5.4.2 Expression and purification of flavin reductase (Fre)
The gene encoding for the flavin reductase (Fre) from Escherichia coli was
amplified from E. coli. XL1 Blue genomic DNA using fre F and fre R, then digested
using the restriction enzymes NdeI and Xho, before ligating into the pET21b expression
vector containing an N-terminal His-Tag. E. coli BL21 (DE3) cells transformed with the
recombinant Fre plasmid were initially grown overnight at 37C in LB medium containing
ampicillin (100 ug/mL) before diluting 1:100 in fresh LB medium the following day. The
Recombinant protein overexpression was induced with IPTG (0.2 mM) at OD of 0.6 and
incubated for additional 24 hr before harvesting.
5’-GGA TGG CAT ATG ACA ACC TTA AGC TGT AAA GTG ACC-3’
5’-GGA TGG CTC GAG GAT AAA TGC AAA CGC ATC GCC AAA C-3’

5.4.3 Expression and purification of P450cam, Pd, and PdR
Plasmids containing P450cam, Pd, and PdR were kindly provided by Prof. John
Dawson (U. of South Carolina) and the enzymes were expressed and purified using
established protocol.9

5.4.4 Exogenous redox systems for OleT and P450cam catalysis
The initial screening was conducted by setting up a series of 1 mL reaction
mixture containing different types of flavin reductase using similar experimental
conditions as previously described with minor modification and additional controls.6 The
reactions were first incubated at room temp for 5 min prior to the initiation of reaction
(addition of NADH), and the reaction was allowed to proceed for an hour and quenched
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with equal volume of organic solvent, chloroform, and the product was extracted for GC
analysis in the presence of 100 nmol 1-hexadecene as internal standard.
The concentration of enzymes used are as followed: 5 uM OleT, 500 uM
eicosanoic (prepared in 30/70 Triton/ethanol cosolvent), 50 uM catalase, 1 mM NADH,
10 uM PdX, 10 uM PdR, 10 uM FAD, and 10 uM fre reductases.
For P450cam catalysis experiment, a 2 mL reaction mixture containing 1 uM
P450cam, 1 mM camphor, 50 uM catalase, 2 mM NADH, 10 uM FAD, and 10 uM fre
reductase (vial 1), and a control reaction with identical composition but with 2 uM PdR
and 10 uM Pd enzymes rather than fre reductase and FAD cofactor. The reactions were
quenched with chloroform and extracted for GC analysis using 206 nmol 3-bromocamphor as an internal standard. The FID-GC program used as followed: 300 °C for
injector temperature, 170°C/hold 3 min; 2°C min-1 to 200 °C.

5.4.5 fre/FAD-driven carbon monoxide binding studies
The stopped-flow UV-vis spectrometer was initially washed with 50 mL of 10
mM of sodium dithionite to ensure all the oxygen are removed from the syringe and flow
cell. Then, a sealed vial (A) containing 10 uM WT OleT, 1 mM eicosanoic acid, 100 uM
fre reductase, and 100 uM FAD in buffer (200 mM KPi, 200 mM NaCl, pH 7.5) was
purged with carbon monoxide for 30 min on ice prior to transferring to a syringe labelled
as syringe A. A second sealed vial (B) containing 500 uM NADH in buffer 200 mM KPi,
200 mM NaCl at pH 7.5 was also purged with CO for 10 min on ice prior to transferring
to a second syringe labelled as syringe B. Syringe A was rapidly mixed with syringe B
and the formation rate at 445 nm was monitored with a photodiode array detector.
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5.4.6 EPR characterization of OleT with fre/FAD complex
A 500 uL reaction mixture containing 150 uM WT OleT, 150 uM FAD, 150 uM
fre reductase, and 450 uM eicosanoic acid was allowed to incubate inside an anaerobic
chamber for 30 min at room, Then, the reaction was evenly aliquot out into two different
vials labeled as vial A and vial B. A precisely measured 10 uL of 50 mM NADH was
added into vial A and incubated at room temp for 5 min prior to flash freeze with liquid
nitrogen for EPR measurements at 10K. Vial B was used as a control.
X-band EPR spectra were recorded using a Bruker EMXplus spectrometer
equipped with an Oxford Instruments ESR900 liquid helium continuous flow cryostat
under the following conditions: temperature 10 K, modulation amplitude 10 gauss,
microwave power 2 mW, and a total of 10 scans was collected for each sample.

5.4.7 Depletion of NADH by fre/FAD complex
The depletion of NADH in the presence of ES-bound OleT with eicosanoic acid
and Fre/FAD complex was monitored at 340 nm and 25 °C via stopped-flow UV-vis
spectroscopy. Syringe (A) containing 800 uM of Fre/FAD complex in 200 mM KPi, 200
mM NaCl buffer at pH 7.5 was rapidly mixed with a syringe (B) containing 10 uM WT
OleT, 1 mM eicosanoic acid (prepared in 30% Triton,70% ethanol stock) and 500 uM
NADH. The concentration of Fre/FAD complex was further diluted down using the
same working buffer.
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5.4.8 Heterologous expression and purification of WT OleT and Y110C OleT
variant
Both wild-type and Y100C variant cytochrome P450 OleT from Jeotgalicoccus
sp. ATCC 8456 was overexpressed and purified as previously described.32 Protein
concentrations were determined using an experimentally measured absorptivity of 107
mM-1 cm-1 at 417 nm using pyridine hemochromagen method

33

. The final yield of wild

type OleT and the Y110C variant were 40 mg/L and 35 mg/L, respectively.

5.4.9 Quantification of protein sulfhydryls
A thiol counting protocol developed by

34

was employed to quantify any

accessible cysteine residues per Y110C variant enzyme. This was important because
there is a total of three cysteine residues of Y110C, one which was used for the thiolated
attachment of heme cofactor, another residue was believed to be buried within the
enzyme itself based on the solved wild-type OleTJE structure (PDB 4L54), and one on the
surface.
Dithiothreitol (DTT) at various concentrations were used as standards for the
generation of thiol calibration curve at 412 nm using UV-vis optical spectroscopy. The
purity of protein sample is crucial for the success of thiol measurements. A buffer
solution containing 100 mM NaPi (pH 7.5) and 1 mM EDTA was used as reaction buffer
which was then used for the preparation of thiol standards and 5,5’-dithiobis-(2nitrobenzoic acid) or known as the Ellman’s reagent.
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5.4.10 Labelling of Ru(II) photosensitizers
Ru(bpy)2phen,5-acetamido-1,10-phenanthroline photosensitizers were prepared as
previously described 30. A dimethylformamide (DMF) solution containing 10 mM Ru(II)
photosensitizers was added to a single cysteine residue of the P450 OleT Y110C variant
in 200 mM KPi (dibasic) at pH 8.2, and the reaction mixture was allowed to stir gently
for 3 hr at 4 °C in a cold room. Within 5 min after the completion of click reaction, the
reaction mixture was loaded on a desalting PD-10 column (GE Healthcare) preequilibrated with 200 mM KPi buffer for the removal of excess free photosensitizers. The
absorption and emission spectra of Ru-OleT Y110C were measured using UV-vis optical
spectroscopy and fluorescence spectroscopy.

5.4.11 Titration experiments with eicosanoic acid
An HP 8453 spectrophotometer was employed for the fatty acid substrate titration
experiment with both labeled and unlabeled Y110C variants. This was important because
we wanted to demonstrate and confirm that the presence of photosensitizer does not
interfere with the enzyme from binding to its native substrate eicosanoic acid, we did not
alter the dynamics of the enzyme. 10 µM Y110C variant in 200 mM KPi (pH 7.5) with
10% glycerol was titrated with sequential addition of 0.5 mM eicosanoic acid stock (in
70% ethanol, 30% Triton X100 (v/v)) using a Hamilton gas-tight syringe. The spectral
changes at 392 nm and 418 nm were monitored, and the total absorbance changes were
processed and fitted with Morrison equation in OriginPro 8.
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5.4.12 Light-driven production of terminal olefins
A 1 mL of 200 mM KPi (monobasic) at pH 7.5 with 10% glycerol (v/v)
containing 0.5 mM eicosanoic acid (in DMSO), 5 µM Ru-Y110C variant and 100 mM
DTC was irradiated with a 250 mW projector lamp for 2 hr. The temperature of reaction
mixture was maintained at 30 °C using an in-house developed free-flow water bath. After
the completion of the reaction, the mixture was flash-frozen with liquid nitrogen and
stored in -70 °C for further analysis. For catalase control experiment, 10 µM of catalase
from bovine liver was prepared in 50 mM KPi buffer at pH 7.5 and added to a reaction
mixture containing 5 µM Ru-Y110C variant, 0.5 mM eicosanoic acid, and 100 mM DTC
and irradiated with a light source for 2 hr at 30 °C. The concentration of catalase was
determined using an absorptivity of 36.5 mM-1cm-1 at 276 nm.

5.4.13 Labeling efficiency of Ru(II) photosensitizers
A relative estimation of loading efficiency of Ru(II) photosensitizer to Y110C
variant was determined using UV-vis spectroscopy. The experiment was carried out by
measuring 4.4 µM of unlabeled Y110C and 4.4 µM of Ru(II) photosensitizer in 200 mM
KPi buffer at pH 7.5 separately. Then, a measurement of Ru-Y110C at 4.4 µM in buffer
was collected. This work was done with an assumption that the spectroscopic changes at
450 nm were addictive and that the summation of absorbance from unlabeled Y110C and
Ru(II) photosensitizer equals to the absorbance arise from Ru(II)-Y110C at the same
concentration. Based on this method, we approximated the labeling efficiency of
photosensitize to Y110C variant was 95%.
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5.4.14 Characterization of terminal olefin products
After the reaction mixture been exposed to the light source for 2 hr at 30 °C, the
mixture was added with equivolume of organic solvent chloroform. 1-hexadecene was
added and used as internal standards due to its relative boiling point and 1.1 responsive
factor to 1-nonadecene from the conversion of eicosanoic acids. The mixed mixture was
vortexed vigorously for 10 min using a vortexer and spun down at room temp using a
clinical centrifuge for half hour. The organic phase was removed and dried with
continuous-flowed in-house nitrogen gas for 20 min followed by the addition of 100 µL
of chloroform for further analysis using gas chromatography.
nonadecene products from the conversion of eicosanoic acid were analyzed on
Hewlett-Packard 5890 series II gas chromatography system equipped with a flame
ionization detector (FID) using a J&W Scientific DB-5MS column (30 m x 0.25 mm, 0.5
micron, cat# 122-5536). Authentic standard, 1-nonadecene, was treated in the same way
and used as a reference. The FID-GC program used as followed: 300 °C for injector
temperature, 160°C/hold 3 min; 10°C min-1 to 320 °C; hold 5 min.

5.4.15 Observation of direct electron transfer using stopped-flow spectroscopy
A 1 mL mixture containing 200 mM KPi (pH 8.2) buffer, 20 µM of Ru-Y110C
variant and 0.1 mM deuterated eicosanoic acid (in 70% ethanol, 30% Triton X100) was
purged with in-house nitrogen gas for 1 hr. at . A carbon monoxide saturated buffer was
prepared by bubbling 5 mL of 200 mM KPi (dibasic, pH 8.2) with CO at room temp. for
10 min. An N2-purged buffer was prepared using 100 mL of 200 mM KPi (dibasic, pH
8.2) bubbled with in-house N2 at room temp. for 1 hour. Furthermore, a vial containing 83
mg of diethyldithiocarbamate (DTC) was purged with N2 gas at room temp for 30 min.
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After the completion of buffer preparation, a 0.965 M DTC solution was prepared
by adding 500 µL of N2-purged 200 mM KPi (pH 8.2) into a vial containing 83 mg DTC,
and after all, solids had been dissolved, 120 µL of DTC solution was transferred and
added into an N2-purged solution containing Ru-Y110C variant and eicosanoic acid. The
final concentration of DTC was 0.1 M. The enzyme solution was then exposed to light
radiation from 1000 W Xenon arc lamp for 250 sec or 1000 sec. Both enzyme and CO
purged-solutions were thermostats at 4 °C using a commercially available circulating
water bath.
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Figure 5.1 Comparison of two key residues within the active site of P450cam (CYP101)
and OleT (CYP152L1) that plays an important role in proton transferring and the
activation of molecular oxygen
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Table 5.1 Comparison of turnover numbers (TONs) for different redox systems for the
decarboxylation of eicosanoic acid by OleT
Entry
1
2
3
4
5
6
7

OleT
+
+
+
+
+
+
+

C20FA
+
+
+
+
+
+
+

Catalase
+
+
+
+
+
+

NADH
+
+
+
+
+
+
+
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PdX

PdR

FAD

FRE

+
+

+

+
+

+
+

TONᶧᶧ
48/1000
44/1000
44/1000
684/1000
610/1000
618/1000
260/100

Table 5.2 Determination of the maximum turnover number of OleT with eicosanoic acid
with fre/FAD system
Entry OleT++ C20FA Catalase NADH FRE FAD BSA
TONᶧᶧ
1
+
+
+
+
+
+
801/10000
2
+
+
+
+
+
+
753/1000
3
+
+
+
+
+
+
200/200
4
+
+
+
+
+
+
+
678/10000
ᶧᶧ Overnight reaction, products were normalized with OleT concentration: 100 nM
(entry 1), 1 uM (entry 2), 5 uM (entry 3), and 100 nM (entry 4).
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Figure 5.2 UV-vis spectra of fre reductase-driven, ferrous carbonmonoxy bound form of
OleT in the presence of fivefold excess eicosanoic acid (A). Representative X-band EPR
spectra of eicosanoic acid bound OleT in the presence of fre reductase, FAD cofactor,
and with and without NADH under anaerobic condition (B)
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Figure 5.3 Spectroscopic and chromatographic characterization of the interaction
between fre reductase with OleT. The formation rate of a ferrous carbonmonoxy bound
form of OleT driven by fre reductase at 4 °C (A). NADH depletion rate at various
Fre/FAD complex concentrations at 25 °C (B). Spin shift decay rate from the single
turnover reaction at 4 °C (C). Representative GC chromatogram of extracted 1nonadecene product from the single turnover reaction (D)
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Figure 5.4 Proposed catalytic cycle of OleT coupled with fre reductase and free FAD and
NADH
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Figure 5.5 Proposed mutation site for the attachment of Ru(II) photosensitizer to surface
cysteine of OleT (top), and the overall scheme of light-driven platform of for bioenergy
production (bottom)
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Figure 5.6 Scheme for the attachment of photosensitizer to a cysteine residue (A).
Representative UV-vis optical thiol calibration curve for the quantification of a surface
accessible cysteine residue of Y110C OleT variant (B). Representative UV-vis and
fluorescence spectra of Y110C and Ru-Y110C OleT at 25 °C (C)
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Figure 5.7 Binding of eicosanoic acid to Y110C OleT (top) and Ru-Y110C (bottom)
OleT variant. Aliquots of eicosanoic acid prepared in ethanol stock were added (black
dots). The optical changes at 392 nm and 418 nm were fitted to a Hill function for the
determination of dissociation constant (Kd)
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Figure 5.8 UV-vis spectra of the formation of a ferrous carbonmonoxy bound form of
Ru-Y110C OleT upon the exposure with a Xenon arc lamp at 4 °C (A). Representative
GC chromatograms of light-driven decarboxylation of eicosanoic acid with Ru-Y110C
OleT exposed with light source from a 250 mW lamp for an hour (B)
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CHAPTER 6
DEVELOPMENT OF A FACILE AND COLORIMETRIC BIOASSAY
FOR QUANTIFICATION OF CARBON DIOXIDE
6.1

Introduction
Decarboxylase enzymes, also termed carboxy-lyases, are structurally and

functionally diverse catalysts that play pivotal roles in a number of physiologically
important processes including carbon assimilation1, glycolysis2, neurotransmission and
the immune response3,4, and specialized antibiotic biosynthetic pathways5, among many
others. Although the detailed mechanisms and cofactors utilized by decarboxylases vary
greatly, they can be generally classified as catalyzing a substrate carbon-carbon scission
reaction, producing carbon dioxide in addition to the formation of additional coproduct(s).

This latter product can vary quite significantly in terms of chemical

composition and structural complexity.
Given the fundamental role of decarboxylase enzymes in a wide variety of
important physicochemical and biotechnologically important processes, significant focus
has been centered on the development of efficient enzymatic assays to measure their
biochemical activity (ex. catalytic rate, substrate specificity, etc.).

Many of the

previously reported assays for assaying the activity of decarboxylases rely on the
determination of the product formed as a consequence of CO2 removal, usually
considered to be the main product of the reaction.
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The methodologies employed for product detection, or substrate depletion in some cases,
are highly specific to the enzyme (and substrate) under study, and can present significant
difficulties for developing rapid and quantitative methods for biochemical activity
determination. For example, the Fe(II) and alpha-ketoglutarate (αKG) dependent class of
non-heme

iron

dioxygenases6

sometimes

catalyze

oxygenative

modifications,

hydroxylation or demethylation reactions, on complex macromolecular substrates, such
as oligonucleotide DNA7,8, collagen9, or transcription factors10.
As a result, some of the developed activity assays have relied on specific labeling
approaches, including radiochemical assays on more synthetically tractable substrate
analogs11-14, or sophisticated mass spectrometric analysis15.

Direct and quantitative

determination of carbon dioxide can also exhibit significant challenges, owing to both its
volatility and a significant environmental contamination from atmospheric CO2. These
difficulties have been addressed through the use of labeled substrates, for example 13C for
headspace GC-MS15, or

14

C for radiometric experiments16, to determine the CO2

produced specifically as a consequence of substrate decarboxylation.
The tractability of both approaches is largely predicated on synthetic
methodologies.

In the case of headspace analysis, accurate CO2 concentration

determination is additionally complicated by the partitioning of the evolved CO2 in both
the reaction mixture and headspace and the pH dependent equilibrium of carbon dioxide
with carbonic acid. To circumvent these issues, we present a simple, rapid, and label-free
colorimetric method that can accurately determine the CO2 produced by decarboxylase
catalysts.
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The method effectively couples the high catalytic activity of carbonic anhydrases,
which rapidly converts CO2 to bicarbonate, with a solution pH change that can easily be
monitored by standard pH sensitive dyes by optical spectrophotometric methods. This
colorimetric method can be directly coupled to decarboxylase catalysts to monitor CO2
release activity.
Here, we show that the method can accurately measure the CO2 produced by
structurally and mechanistically unrelated decarboxylase enzymes, including the αKG
dependent dioxygenase taurine dioxygenase (TauD)6,17-20 and a recently discovered
cytochrome P450 that converts n chain-length fatty acids to n-1 length 1-alkenes
(OleT)21-26.

6.2

Results and Discussion
The high and nearly diffusion-limited catalytic activity (kcat/Km) of carbonic

anhydrases make it an ideal assay to couple the CO2 evolved from decarboxylase
enzymes to solution pH changes.

For this purpose, we utilized human carbonic

anhydrase VII (hCA(VII)), largely due to its general public availability to academic
laboratories through the Addgene repository. Standard heterologous E. coli expression
and a one-step purification procedure resulted in good yields of the highly purified
enzyme.
Although some CA isoforms have been extensively studied for catalytic activity,
reviewed in

27

, the kinetic parameters can widely vary, and to our knowledge, have not

been reported for hCA(VII). In order to ensure that the recombinantly expressed and
purified enzyme had an activity suitable for assay development, we first measured its
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esterase activity28 using a nitrophenylacetate (PNPA) substrate. The determined kinetic
parameters for PNPA hydrolysis gave a kcat /Km= 143 ± 21 M-1 s-1
in good agreement with literature values for other CAs, and ensuring an active zincbound holoenzyme28.
More applicable to the coupled assay, the activity of hCA(VII) CO2 hydration
activity was carried out using the changing pH indicator method originally described by
Khalifah et al.29,30 monitoring the acidification of

bromothymol blue indicator by

stopped flow spectroscopy. The determined kinetic parameters for CO2 hydration under
these conditions were kcat/Km = 7.7 ± 0.2 x 105 M-1 sec-1. The kcat/Km of hCA(VII), in the
range of other CA isoforms (generally 105 - 108 M-1 sec-1) (reviewed in 27), verified that
the enzyme was of an activity suitable for the colorimetric assays described below.
We tested whether the carbonic anhydrase colorimetric assay would also permit
accurate quantitation of an unknown quantity of CO2 released from a decarboxylase
enzyme. Provided that the absorbance changes are within the dynamic range of a given
dye, generally near a neutral operational pH, buffer acidification by CA should correlate
to the enzymatically produced CO2. Figure 6.1A shows representative time courses at
617 nm (plotted as an absorption difference) from the rapid mixing of CA7 and several
concentrations of dissolved CO2. The total change in absorbance at 617 nm was utilized
to generate CO2 calibration curves (Figure 6.1B).
The standard curves show a large dynamic range for CO2 concentrations that can
be measured (100 µm to 4 mM. Although we have utilized stopped-flow absorption
spectroscopy for these measurements, endpoint assays using standard anaerobic
techniques (ex. using a Thunberg cuvette) could also be utilized with similar effect. It
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should be noted, however, that the range of CO2 that can be accurate measured is highly
dependent on dye choice (pKa) and buffer composition (pH and buffering capacity).
However, as we show below, these parameters are easily modified for a number of
biochemical systems.
We tested this assay with taurine dioxygenase (TauD), a well-studied Fe(II) and
α-ketoglutarate (αKG) dependent enzyme. TauD converts taurine to produce sulfite,
succinate, and carbon dioxide co-products in an oxygen-dependent mechanism19 (Figure
6.2A). A number of assays have been previously developed to determine dioxygenase
activity, including monitoring of

14

CO2 from isotopically labeled αKG, a coupled

succinyl-coenzyme A synthetase method31, and fluorescent detection of α-KG
depletion32. Here, detection of the sulfite co-product by Ellman’s reagent (DTNB) is
used to provide an independent method to validate results obtained from the CA based
assay.
A standard CO2 calibration curve was determined for CA7 activity in the TauD
reaction buffer (Figure 6.2B). The inset shows a linear dependence of the absorbance
measurement in the 0-2 mM range.

In order to produce a range of different CO2

concentrations from TauD, reactions were performed with limiting amounts of taurine,
excess α-KG, and allowed to proceed to completion. Samples were then analyzed for
sulfite produced, by the DTNB assay, or by absorbance changes from the acidification of
bromothymol blue. Quantitation of the CO2 produced by the hCA(VII) assay shows
excellent agreement with sulfite produced within the range tested with a coefficient of
determination value equal to 0.97 (Figure 6.3C).
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In order to demonstrate the general versatility of this colorimetric technique with
a structurally and functionally unrelated enzyme, we applied similar methods to a second
decarboxylase. A recently discovered cytochrome P450 from Jeotgalicoccus sp. ATCC
8456 (termed OleT) has been shown to convert n chain-length fatty acids to n-1 alkenes
using a hydrogen peroxide co-substrate. The reaction catalyzed by OleT has received
considerable attention as a means to convert biologically abundant fatty acid feedstocks
into “drop-in” fuels.25,33-36
We have recently utilized headspace FTIR, and substrate

13

C isotopic labeling

with headspace GC-MS, to determine that the one-carbon co-product of the alkeneforming reaction is CO2 21. While the alkene product is easily detected for long chain
length alkene products (> C12) by gas chromatography, the volatility of short to medium
chain length products, which are of particular interest for biofuel development, is more
challenging.

This has prompted the use of derivatization methods25 or solid-phase

extraction procedures for other alkene-producing enzymes37. Thus, a potential advantage
of the colorimetric method described here may be for the rapid screening of OleT
mutant/substrate combinations for the production of volatile products.
Additionally, OleT and structurally related peroxide dependent CYP152 enzymes
are also known to exhibit variable degrees of chemoselectivity, resulting in the
production of fatty alcohol products in addition to the alkene26,38. The mechanistic
branching of OleT and other CYP152 enzymes is likely attributable to the same iron-oxo
oxidant that is utilized to initiate both chemistries39, and is strongly influenced by
substrate structure (ex. chain length). As only the alkene forming pathway results in the
formation of CO2, the CA assay provided a means to gauge chemoselectivity.
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Reactions containing OleT and an eicosanoic acid substrate were initiated by the
slow addition of hydrogen peroxide using a syringe pump to maximize turnover numbers.
The colorimetric change associated with CO2 released, 78 ± 7 µM, is in excellent
agreement with the amount of nonadecene generated by the enzyme, as measured by gas
chromatography, 81 ± 3 µM.

6.3

Conclusion
In summary, we have developed a label-free optical assay that utilizes a readily

available carbonic anhydrase enzyme to determine accurately the CO2 produced by
decarboxylase enzymes.

As the method does not rely on a specific enzymatic co-

substrate (or co-product), it is generally applicable to the study of a wide number of
enzymes.

6.4

Experimental Section

6.4.1

Reagents
Bromothymol blue, α-ketoglutaric acid disodium salt dihydrate, ammonium

iron(II) sulfate hexahydrate, sodium L-ascorbate, p-nitrophenyl acetate, Triton X-100,
zinc chloride, dimethyl sulfoxide, and eicosanoic acid were purchased from SigmaAldrich (St. Louis, MO).

6.4.2

Heterologous expression and purification of Human Carbonic Anhydrase
Isoform VII (hCAVII)
A plasmid containing the human hCAVII gene was obtained from Addgene

(plasmid #39050). The enzyme was heterologously expressed in Rosetta 2 (DE3) pLysS
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E. coli (Novagen). 6 x 1 L cultures were grown in Luria broth at 16°C with shaking at
150 rpm. When cultures reached an OD600 of 0.6, expression was induced by the addition
of isopropyl-1-thio-D-galactopyranoside (IPTG) and zinc chloride to final concentrations
of 50 µM each. Cells were harvested after 25 hours by centrifugation and stored at -70
°C until further use.
The cell pellet was resuspended in 200 mL of 50 mM NaH2PO4 pH 7.7, 300 mM
NaCl, 5 mM imidazole, and 0.1% (v/v) Triton X-100 (buffer A), lysed with a Branson
Sonifier, and centrifuged at 37,500 g for 60 min. The cell-free lysate was loaded by
gravity onto a 15 mL nickel-nitrilotriacetic acid (NTA) column (GE Healthcare),
equilibrated in buffer A, at a rate of 1 mL/min.
The column was subsequently washed with 150 mL of buffer A containing 50
mM imidazole and eluted with buffer A containing 250 mM imidazole.

hCAVII

containing fractions were pooled and dialyzed against 4 L of 50 mM Tris-HCl pH 7.5
overnight. The dialyzed protein was concentrated to 20 mg/mL using Amicon Ultra 30
kDA centrifugal filters, flash frozen, and stored at -70 °C until further use. The final
yield of hCA(VII) was 10 mg/L and was >90% pure as determined by SDS-PAGE
electrophoresis. Protein concentrations were determined using a calculated extinction
coefficient of 48.0 mM-1 cm-1 at 280 nm.

6.4.3

Activity determination of hCAVII
The esterase activity of hCAVII was determined using p-nitrophenyl acetate

(pNPA) using previously described methods40.

Formation of the p-nitrophenoxide

product was determined using an increase of absorbance at 410 nm (= 18.4 mM-1 cm-1).
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CO2 hydration activity was determined using methods similar to those previously
described by Khalifah et al.29,30.
10 µM hCA(VII), in 25 mM Tris-HCl (pH 7.5), 125 mM NaCl, and 100 µM
bromothymol blue dye, was rapidly mixed with a CO2 containing buffer at 25 °C using
an Applied Photophysics SX20 stopped-flow spectrophotometer. Varying concentrations
of CO2 were prepared by mixing a saturated CO2 solution with a nitrogen purged buffer,
each containing 25 mM Tris-HCl (pH 7.5), 125 mM NaCl.
The rates of uncatalyzed CO2 hydration were determined by omitting the enzyme
and were subtracted from the observed rates. Steady state parameters were determined
by fitting the corrected observed initial rates to the Michaelis-Menten equation.

6.4.4

General Protocol for CO2 Standard Curve Generation
The general method for generating standard curves to determine the relationship

of CO2 concentration and carbonic anhydrase catalyzed pH dependent absorbance
changes of bromothymol blue at 617 nm are described above. Absorbance changes at
617 nm were fit to a sigmoidal function using Origin 9.1 that appropriately describe pH
dependent equilibria.
As the sensitivity of these pH changes is highly dependent on a number of buffer
factors, notably dye pKa, buffer pH and buffer capacity (reviewed extensively in

29,30

),

particular attention must be placed on generating standard curves in an identical buffer as
experiments that specifically probe enzyme decarboxylation.
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6.4.5

Heterologous expression and purification of Taurine Dioxygenase (TauD)
The wild-type TauD apoprotein was overexpressed, purified and reconstituted in

the active ferrous form as previously described17,41-44.

6.4.6

TauD Activity Determination

Desulfonation activity
A 1 mL reaction mixture contained 25 mM Tris-HCl (pH 7.5), 200 µM Fe2+, 400
µM ascorbate, 2 mM KG, 1 mM imidazole and varying concentrations of taurine.
Reactions were initiated by the addition of 5 µM TauD and allowed to incubate at room
temperature for 2 hours.
100 µL of 0.5 M EDTA (in 0.1 M NaPi pH 7.5) was added to quench the reaction,
followed by the addition of 100 µL of Ellman’s reagent (4 mg/mL) for the quantitation of
sulfite. The reaction was allowed to develop at room temperature for 15 min., and the
amount of sulfite produced was determined using a dithiothreitol (DTT) standard.
CO2 release assay
Identical experimental conditions described above were used with the addition of
75 µM bromothymol blue and 5 µM of hCA(VII) in each reaction mixture prior to the
addition of TauD. A CO2 calibration curve generated for the TauD reaction buffer was
used for quantification.
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6.4.6 OleT Activity Determination
Cytochrome P450 OleTJE from Jeotgalicoccus sp. ATCC 8456 was overexpressed
and purified as previously described 45. Protein concentrations were determined using an
experimentally measured extinction coefficient of 107 mM-1 cm-1 at 417 nm.
OleT CO2 release assay
A 2 mL reaction mixture contained 50 mM KPi (pH 7.5), 250 mM NaCl, 0.4 mM
bromothymol blue, 5 µM hCA(VII), 5 µM OleT and 500 µM eicosanoic acid (prepared
as a 10 mM stock in 70%:30% ethanol:Triton X-100). To this solution, 2 mL of a 5 mM
hydrogen peroxide solution was slowly added over a 2 hour period by a syringe pump.
Upon completion, 1 mL of the reaction mixture was transferred into a 1.5 mL
Eppendorf tube and centrifuged at 14,000 rpm for 5 minutes and transferred to a cuvette
for spectroscopic measurements at 617 nm. A control reaction in which OleT was omitted
was used as a baseline. The changes were compared to standard CO2 curves.
Determination of OleT olefin products
The completed reaction mixture from the CO2 release measurement was extracted
with an equal volume of chloroform. 500 nmol of 1-hexadecene was added as an internal
standard. The combined mixture was vortexed and subsequently centrifuged for 30
minutes using a clinical centrifuge. The organic phase was removed and dried with N2
gas, resuspended in 100 µL of chloroform, and analyzed using gas chromatography.
The OleT 1-nonadecene reaction products were analyzed on a Hewlett-Packard
5890 series II gas chromatograph equipped with a flame ionization detector (FID) using a
J&W Scientific DB-5MS column (30 m x 0.25 mm, 0.5 micron).

129

The injector

temperature was maintained at 300oC, and the oven temperature was held at 160°C for 3
minutes; followed by a 10°C/min gradient to 320 °C.
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Figure 6.1 (A) Representative stopped flow time course for the CA7 catalyzed
acidification of bromothymol blue upon CO2 hydration. (B) A standard curve that relates
the change in absorbance at 617 nm with CO2 concentration in a standard CA7 assay
buffer.
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Figure 6.2 (A) Reaction scheme of taurine dioxygenase and the detection of CO2 and
sulfite products. (B) A standard curve that relates the change in absorbance at 617 nm
with CO2 concentration in the TauD assay buffer. (C) Correlation of CO2 and sulfite
produced by TauD under conditions of limiting taurine.
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Figure 6.3 (A) Reaction scheme for OleT catalyzed alkene and fatty alcohol production.
(B) Correlation of the CO2 and alkene produced by OleT upon addition of hydrogen
peroxide and eicosanoic acid.
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